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Abstract 
Ever since their discovery in 1880 by Ramon y Cajal, dendritic spines have evoked 
considerable interest in the field of cellular and molecular neuroscience. Subsequent 
studies into their morphogenesis, and into synaptogenesis, brought into the spotlight their 
putative precursors – the dendritic filopodia. This set off several lines of investigation 
into filopodial structure and function, notable among which is the work by Portera-
Cailliau et al. who showed in 2003 that growth cone filopodia differ from shaft filopodia 
in terms of densities and lengths, and in their response to blocking of synaptic 
transmission, and of ionotropic glutamate receptors. However, they observed these 
differences only up to postnatal day 5. In 2010, Korobova and Svitkina reported the 
existence of a different actin organization in shaft filopodia at 10 days in vitro (DIV). 
This work fills the gap between those two studies, investigating differences between tip 
and shaft filopodia at 4, 7, 10 and 14 DIV, and examining structure and dynamics, as well 
as responses to developmental cues, specifically, Semaphorin3A (Sema3A).  
Using confocal microscopy to visualize filopodial membrane and actin we found 
that shaft filopodia are shorter than tip filopodia, and show a less dense presentation 
along the dendrite. We then employed the quantitative phase imaging technology of 
Spatial Light Interference Microscopy (SLIM) for analysis of mass change dynamics of 
individual filopodia. We found that tip and shaft filopodia show similar dynamics early 
on, but further on in development by 7 DIV shaft filopodia slow down considerably while 
tip filopodia continue to show fast increases and decreases in mass. Further analysis of 
growth rates showed that both types filopodia exhibit exponential growth during their 
extension, implying that the bigger the filopodium the faster it grows. 
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Next we sought to examine the functional ramifications of these differences in tip 
and shaft filopodia. We investigated the differential responses of the two populations to 
Sema3A. We found that a 24 h exposure to Sema3A at 0-1 DIV leads to accelerated 
maturation of shaft filopodia as evidenced by (1) an increase in dendritic branching, (2) 
an acceleration of maturation into spines, and (3) into synapses. An analysis of the 
underlying dynamics showed that Sema3A treatment results in (1) tip filopodial 
movement becoming more deterministic, (2) an increase in average growth and shrinkage 
rates in shaft filopodia, and, (3) an increase in speed of the fastest growth and shrinkage 
in tip and shaft filopodia at 4 and 7 DIV. Together these findings show that Sema3A is a 
unique cue that acts on both tip filopodia and shaft filopodia, but with different outcomes 
– the former to increase dendrite lengths, and the latter to increase branching, 
spinogenesis and synaptogenesis. Bath application of Sema3A also elicits an axonal 
response, which might itself affect the cells as a whole, and could confound the filopodial 
read out. To avoid this, we supplemented bath application studies with investigations 
using microfluidic devices that enable focal, dendrite specific application of Sema3A, 
and, also, better replicate the in vivo layered structure of the hippocampus. Our results 
held true even with this sub-cellular administration of Sema3A. 
Taken together our findings provide further evidence for differences in the two 
dendritic filopodial populations – those borne on the tips, and those along the shafts, and 
help deconstruct the role of Sema3A in dendritic development. A greater comprehension 
of this diversity in the filopodial population, and its role in shaping the development of 
neuronal networks will not only further our understanding of the nervous system, but will 
also help unravel the mechanistic bases of developmental disorders and diseases. 
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CHAPTER 1: INTRODUCTION 
 
Filopodia 
Filopodia are dynamic, thread-like protrusions of the cell membrane that contain 
loose bundles of about 10-30 actin filaments. Since they first came to prominence in the 
1960’s,1,2 a diverse population of cells has been found to employ filopodia to explore the 
extracellular environment and surfaces of other cells, identify appropriate targets for 
contact or adhesion, and generate guidance cues and traction forces for the directed 
growth and/or migration of the cell. Hence, while on the one hand they aid migration in 
cells like fibroblasts and keratinocytes, on the other they assist morphogenetic events, 
including gastrulation,3 dorsal closure in Drosophila,4 ventral enclosure in 
Caenorhabditis elegans,5 epithelial cell adhesion6 and wound healing.7 
The nervous system is replete with instances where filopodial navigation is put to 
use to establish and maintain the intricate wiring of neuronal networks. During the initial 
stages of development, neurons migrate from the lumen of the neural tube to distinct 
distal layers of their target tissues. They must also send out axons to synapse with 
appropriate partners. Processes such as experience-dependent refinement and synaptic 
plasticity continue into adulthood and are thought to be a basis of learning and memory. 
At the forefront of all these events are filopodia. 
Due to the plethora of studies on axon guidance,8–10 axonal growth cone filopodia 
remained the primary focus of research for several years. Spurred by technological 
advances, scientists have now begun to explore the structural and functional landscape of 
dendritic filopodia. These are 200-300 nm wide, 2-20 m long protrusions that occur 
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predominantly during early postnatal development (P2-12 for cortical pyramidal 
cells).11,12 They have been implicated in spinogenesis,13–17 synaptogenesis13,17–20 and 
dendritic morphogenesis.21,22 
Spinogenesis: First described by Ramón y Cajal in 1888, spines form sites of 
neuron-to-neuron communication, and are thought to be the dynamic substrates of 
experience-dependent memory formation.23–25 More than 90% of excitatory axo-dendritic 
synapses in the central nervous system (CNS) occur at these sites.26  Neurons receiving 
inputs from diverse sources, such as pyramidal cells in the cerebral cortex and 
hippocampus, are particularly rich in spines.26–30 In these cells, the appearance of 
filopodia just precedes that of spines.11,12,31,32 This sequential appearance, along with 
similarities in shape and cytoskeletal organization, forms tantalizing evidence for the 
filopodial model of spinogenesis, describing filopodia as immature protrusions that 
develop into spines upon axonal contact.33  Further support comes from imaging data 
showing eventual stabilization of filopodia, approaching a more ‘spine-like’ state.11,20,34 
Synaptogenesis: Another school of thought attributes a more exploratory role to 
filopodia, hypothesizing that their primary role is to contact axons and establish early 
synapses – independent of eventual spine formation.35 This forms the essence of 
Vaughn’s ‘synaptotropic’ hypothesis which states that filopodia ‘catch’ and recruit axons, 
followed by the formation of synapses.36–38  The inherent flexibility of filopodia makes 
them ideal for spatial sampling. Furthermore, since synaptogenesis is arguably the most 
important task for a developing neuron, it validates the massive energy expenditure 
required of that cell to extend and retract tens of thousands of filopodia per day. In 
support of this model, an electron microscopsy analysis of rat hippocampal neurons in the 
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CA1 region has revealed that numerous dendritic filopodia form synaptic contacts.39 In 
addition, about 70% of synaptic contacts in the developing chick spinal cord are found on 
filopodia.40 
Dendritic morphogenesis: Another aspect of Vaughn’s ‘synaptotropic’ hypothesis 
is its explanation of dendritic morphogenesis. According to the hypothesis, the formation 
of a synapse on the filopodium results in retrograde signals that stimulate growth and/or 
branching towards regions rich in synaptic activity.37 Hence, filopodia not only initiate 
synaptogenesis, but also model the branching pattern of the dendritic tree.21 This idea is 
particularly tempting, since it correlates adult dendritic morphology with the history of 
synaptic activity and of interactions of the filopodia with axons and the surrounding 
environment. It also minimizes the need of detailed genetic instructions to create the 
highly complex dendritic arbors. 
More recently dendritic filopodia also have been implicated in developmental 
plasticity and even repair and regeneration.13,22  
 
Tip and shaft filopodia 
Despite this large body of initial exploratory work, several questions regarding 
filopodial dynamics remain unanswered. For instance, while axonal and dendritic 
filopodia are treated as distinct populations, filopodia borne along the shafts of dendrites 
often get clubbed together with those at the tips of the dendrites. This despite evidence of 
significant structural differences between these shaft and tip filopodia (Figure 1.1).15 
Korobova and Svitkina showed in 2010 that actin arrangement in shaft filopodia in 
primary hippocampal neurons at 10 DIV (days in vitro) differs significantly from the 
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conventional model of filopodial cytoskeletal organization. Instead of parallel bundles of 
actin characteristic of conventional filopodia (Figure 1.1B), these filopodia have a mix of 
aligned and branched actin filaments, resulting in a crisscross network-like arrangement. 
Their examination of myosin decoration of these actin filaments revealed the presence of 
actin filaments with the barbed end of the filament pointing away from the filopodial tip 
– the exact inverse of the polarity predicted by the conventional model (Figure 1.1C). 
Studies treating these shaft filopodia as different from tip filopodia are rare.41 Hence 
while the structural and chemical cues guiding filopodial dynamics have been well-
studied, their differential effects on shaft and tip filopodia remain obscure. 
 
Role of Semaphorin 3A 
Semaphorin 3A (Sema3A) is one such cue that, in particular, needs to be 
investigated further. It is a critical short-range diffusive cue that guides neuronal pattern 
development by acting as a negative cue for axons, binding to receptors on axonal growth 
cone filopodia and mediating axonal growth-cone collapse,42 and as a positive cue for 
dendrites, stimulating their growth and branching.43–45 It also has several other region-
specific guidance effects throughout the nervous system. In the neocortex, it directs 
apical dendrite extension toward the pial surface43 and aids in migration and regeneration 
of neocortical neurons.46 Being a signaling protein that selectively promotes dendrite 
survival and growth, its effects on the dendritic filopodia are all the more relevant. Even 
so, its differential regulation of these developmental processes at the level of tip and shaft 
filopodia remains unknown. 
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Compartmentalization through microfluidic devices 
One of the reasons why these avenues remain relatively unexplored is the inherent 
difficulty of studying the finer details of filopodial dynamics using the conventional 
paradigm of neuronal dish culture. These culture systems allow only limited control and 
manipulation of the neuronal microenvironment. Recent advances in microfluidics have 
opportunely provided neuroscientists with a revolutionary culture platform – the 
microfluidic device. Tracing their origin to the Campenot chamber, these devices are a 
powerful tool with varied biological applications.47–50 Today, soft lithography can be 
used to fabricate devices of virtually any design using Computer-Aided Design (CAD)-
generated patterns.47 These enable incorporation of features of dimensions down to as 
low as 10 nm. The devices are fabricated using polydimethylsiloxane (PDMS) – a 
polymer that is inexpensive, flexible and optically transparent down to 230 nm. It is 
impermeable to water, non-toxic to cells and permeable to gases, making it ideal for 
biological studies.48,51 
Neuronal cultures in microdevices are a more faithful simulation of the 
complexity of the mammalian CNS, where distinct sub-regions of the neurons have 
distinct chemical environments.50,52 In studies of filopodial development, state-of-the-art 
microdevices have the potential to enable maximal control of the microenvironments 
around different sub-regions of a neuronal network and also an individual neuron.53–57 
Compartmentalization of neurons, that is, having different sub-regions of the neuron 
growing in different, fluidically isolated chambers or channels, allows selective and 
localized stimulation of specific regions.52,58,59 Furthermore, manipulations of fluid 
dynamics provide unparalleled spatiotemporal control for establishing fluidic and 
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surface-bound gradients.53,54,60–65 This convergence of filopodial investigations and the 
technology of microfluidics, when coupled with high resolution imaging and 
sophisticated software for data analysis, has the potential to aid in deciphering the 
guidance cues that direct the development of dendritic filopodia in hippocampal neurons.  
 
Statement of problem and significance 
Fully functioning filopodia are critical to the establishment of neuronal 
connectivity through dendritic morphogenesis, spinogenesis and synaptogenesis. 
Anomalies in these processes are at the root of  diverse developmental disorders, such as 
Down’s syndrome,66,67 Fragile-X mental retardation,68 schizophrenia, and mood 
disorders.69 Sema3A, in particular, has been implicated in schizophrenia70 and 
Alzheimer’s.71 Better comprehension of the processes that shape development will help 
deconstruct the underlying mechanisms of these developmental disorders and diseases, 
thereby, aiding the advancement of cures and relief. 
Hence, with a view towards furthering our understanding of network formation in 
the brain, the aim of my work is to examine the differential presentation and behavior of 
filopodia along the tips and shafts of dendrites of primary hippocampal neurons. I 
examined trends in lengths, densities, mass-change dynamics, and response to Sema3A, 
over the developmental time course of 4 to 14 days-in-vitro (DIV).  
Conducting structural analyses using membrane and actin labels, I found that tips 
bear longer filopodia, and at higher densities at 4 and 7 DIV. I examined filopodial mass 
change dynamics using Spatial Light Interference Microscopy (SLIM), an innovative 
quantitative phase imaging method that enables high-resolution label-free imaging of live 
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cells and allows measurements of the dry mass of live neurons at femtogram levels.72 My 
analysis of time-lapse SLIM imaging of dendritic filopodia showed that (1) tip filopodia 
show significantly higher rates of change of mass, for both growth and shrinkage, relative 
to shaft filopodia, and (2) both tip and shaft filopodia exhibit an exponential growth, i.e., 
the rate of growth increases as filopodial mass increases. I discuss these findings in 
Chapter 2. 
Next I investigated specifically the role of Sema3A in filopodial development, 
guiding dendritic morphogenesis, spinogenesis, and synaptogenesis. Sema3A acts not 
only at the level of the dendrites, promoting neurite survival and growth, but also at the 
level of the filopodia. I found that a 24-h exposure to Sema3A administered 1 h after cell 
seeding leads to accelerated maturation of shaft filopodia as evidenced by (1) an increase 
in the branching of the dendrites, (2) an acceleration of maturation of these filopodia into 
spines and (3) into synapses, and, (4) an increase in growth and shrinkage rates in shaft 
filopodia selectively. These results hold true even with sub-cellular administration of 
Sema3A using microfluidic devices. I present these in further details in Chapter 3. 
   Taken together our findings provide further evidence for differences in the two 
filopodial populations – those borne on the tips, and those along the shafts, of dendrites, 
and help deconstruct the role of Sema3A in dendritic development. A greater 
comprehension of this diversity in the filopodial population, and its role in shaping the 
development of neuronal networks will not only further our understanding of the nervous 
system, but will also help unravel the mechanistic bases of developmental disorders and 
diseases.  
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Figure 1.1. Actin cytoskeletal arrangement differs in tip and shaft filopodia. (A) 
Phase contrast image of a dendrite of a primary rat hippocampal neuron showing the sub-
dendritic regions of ‘Tip’ and ‘Shaft’. Neuronal filopodia along tips and shafts were 
thought to exhibit the conventional parallel bundle arrangement of the actin cytoskeleton, 
shown here in tip filopodia in Drosophila BG-2 neuronal cell line (B), adapted from 
Biyasheva et al 2004.73 Scale bar = 1 μm. However, shaft filopodia have been shown to 
have a mix of aligned and branched actin filaments forming a network-like arrangement, 
as shown in (C), adapted from Korobova and Svitkina 2010.15 Insets show actin filaments 
of opposing polarities, including barbed ends pointing away from the filopodial tip 
(yellow stars), a contradiction of the conventional model of filopodial actin organization. 
Scale bar = 0.5 μm.  
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CHAPTER 2: DENDRITIC FILOPODIA BORNE ALONG TIPS AND SHAFTS  
EXHIBIT DISTINCT BEHAVIORS 
 
Abstract1 
Ever since their discovery in 1880 by Ramon y Cajal, dendritic spines have evoked 
considerable interest in the field of cellular and molecular neuroscience. Subsequent 
studies into their morphogenesis, and into synaptogenesis, brought into the spotlight their 
putative precursors – the dendritic filopodia.  In 2010, Korbova and Svitkina showed that 
filopodia borne on the shafts of dendrites have a crisscross network-like organization of 
actin filaments – unlike the usual filopodial cytoskeletal organization of tightly packed, 
parallel actin bundles. What still remains unknown is (1) how this distinct cytoskeletal 
organization informs filopodial behavior, and, (2) whether this resulting behavior places 
shaft filopodia into a population distinct from that of the filopodia at the tips of dendrites. 
This works seeks to address those questions using confocal microscopy for structural 
analyses and Spatial Light Interference Microscopy (SLIM) for analysis of mass change 
dynamics. Focusing on the developmental stages of 4, 7, and 10 days in vitro (DIV), we 
found that shaft filopodia are shorter than tip filopodia, and show a less dense 
                                                            
This study was possible due to a collaboration with Prof. Gabriel Popescu, Department of 
Electrical and Computer Engineering and Beckman Institute, University of Illinois at 
Urbana-Champaign, Prof. Popescu provided open access to his innovative imaging 
equipment and insights determining mass-transport using Scattered Light Interference 
Microscopy (SLIM). Taewoo Kim, graduate student at the Popescu Lab, helped with 
image acquisition and dry-mass analysis for one of the repeats of the filopodial dynamics 
experiments. Support was provided by the National Science Foundation IGERT 0965918 
(AJ) and STC CBET 0939511 (MUG, GP), and the National Institutes of Health NIH 
R21MH085220 and R21MH101655 (MUG). 
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presentation along the dendrite. SLIM enabled me to measure the masses of individual 
filopodia, and time-lapse SLIM imaging revealed differences in filopodial dynamics. Tip 
and shaft filopodia show similar dynamics early on, but further on in development by 7 
DIV shaft filopodia slow down considerably while tip filopodia continue to show fast 
increases and decreases in mass. Further analysis of growth rates showed that both types 
filopodia exhibit exponential growth during their extension. Together these studies 
establish shaft filopodia as population distinct from tip filopodia – a finding that would 
aid greater comprehension of the processes of spinogenesis, synaptogenesis, and dendritic 
morphogenesis.  
Introduction 
Long mistaken as artifacts of the Golgi staining method, spines finally gained 
well-deserved recognition through Cajal’s work in the 1880’s.1 The discovery set off 
several lines of investigation into spine structure and function, but progress was slow 
until recent decades due to the lack of the technological capabilities required to study 
such fine structures. In the late 1900’s to early 2000’s, studies of spine structure showed 
that spine heads are predominantly composed of a meshwork of branched actin filaments, 
with the narrower spine necks formed of actin bundles;2–4 investigations into the protein 
complement reported the presence of the Arp2/3 complex,5,6 cortactin,7 WAVE1,8 and N-
WASP,6 – proteins known to be involved in the establishment and maintenance of 
branched actin networks; and inquiries into mechanisms of spinogenesis established 
dendritic filopodia as the precursors of spines.9–11 In 2010, Korbova and Svitkina took 
these studies a step further, using platinum-replica electron microscopy to characterize 
the cytoskeletal organization dendritic spines and filopodia. They found dendritic filpodia 
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to be different in structure from the conventional filopodia in that they consist of a mix of 
aligned and branched actin filaments that form a network-like structure.12 This was the 
first evidence of the existence of a distinct filopodial population with a cytoskeletal 
organization different from the typical tight bundle of parallel actin filaments long 
assumed to be the universal underlying cytoskeletal feature of all filopodia. While their 
work was focused on relatively mature filopodia in neurons at 10 DIV, Portera-Cailau et 
al. had earlier studied pyramidal neurons in mouse cortical slices and found differences in 
dendritic growth cone filopodia and shaft filopodia, but only in early stages of 
development - from postnatal day (P) 2 to 5.13 They found growth cone filopodia to be 
denser, longer, and more motile, but reported these as exclusive characteristics of the 
growth cone structure that was only detectable till the P5 stage. Thus, there still remains a 
gap in our understanding of how the cytoskeletal differences unearthed by Korbova and 
Svitkina instruct filopodial behavior, especially in the mid-to-late stages of filopodial 
maturation.  
Answering that question requires an examination of the dynamics of these 
dendritic filopodia. Dynamics of cellular and sub-cellular structures, have long been 
quantified primarily in terms of lengths and volumes, employing phase contrast or 
fluorescence microscopy to aid visualization. The same has been true of neuronal 
filopodia as well, with filopodial lengths being the chief parameter being measured.13,14 
While these measurements are very informative, obtaining a more complete picture of 
dynamics would entail an analysis of variations in mass. Fortunately, there have been a 
number of innovations in recent years that help circumvent the inherent difficulties of 
weighing microscopic structures. Prominent among these are the suspended microchannel 
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resonator,15,16 and cantilever- or pedestal-based sensors.17,18 The former are more suited 
to cell suspensions and are therefore not applicable to neuronal studies that require 
adherent cell cultures, and the latter lack the high sensitivity and resolution required for 
the analysis of such fine structures as filopodia. Another technique, based not on 
resonance but on interferometry, called Spatial Light Interference Microscopy (SLIM), 
satisfies these requirements and is uniquely suited to the analysis of filopodia (Figure 
2.4).19,20 It is based on the concept that the optical phase shift induced in light as it passes 
through a cell is linearly proportional to the dry mass in that region.21 This idea of 
quantitative phase imaging is realized through a combination of phase contrast 
microscopy and holography.22,23 The former provides high-contrast intensity images, 
while holography provides quantitative path-length maps for mass calculation, making 
possible femtogram-level analyses of mass dynamics in filopodia in ideal, label-free, 
culture conditions.  
To further understand the implications of a change in the mass of a filopodium, it 
is worthwhile to consider the possible origins of the changes in mass. Mass depends on 
volume and density, as, 
M = V.ρ 
where, M = mass, V = volume, ρ = density 
To further examine the expression, the structure of a filopodium can be approximated to 
resemble a cylinder that has been cut in half longitudinally, along its length. For such a 
case, the expression for mass expands as follows – 
M = (πr2h/2).ρ 
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where, r = half the width of the filopodium, and, h = length of the filopodium. 
For filopodia, of the three factors on which mass depends – width, length, and density – 
length is the one that changes predominantly. As such, it is to be expected that mass 
changes mostly reflect changes in filopodial length. Instances of deviation from a length 
correlation would most often be due to changes in filopodial width which is captured by 
mass, but not length, variation analyses. Given that a wider filopodium has a greater 
surface area (surface area ~ πrh), and therefore greater potential for interaction and 
exploration, a parameter that takes the width into account as well is a more accurate 
representation of the filopodium’s capacity to perform its exploratory function.  
 In addition to elucidating mass changes in a filopodium, dry-mass analysis 
enables a deeper investigation into the nature of that growth, i.e., whether filopodial 
growth is linear or exponential. Linear growth would imply that growth rate is constant 
over time, and that it is independent of the size of the filopodium. Exponential growth 
rate entails a growth rate that increases with size, that is, the larger the filopodium, the 
faster it would grow (Figure 2.10). Using the aforementioned mass-measurement 
techniques, several groups have conducted such growth pattern investigations for several 
cell types. For instance, Bacillus subtilis, Escherichia coli, Saccharomyces cerevisiae and 
mouse lymphoblasts were shown to all exhibit exponential growths.15 On the other hand, 
rat Schwann cells were reported to grow at the same rate independent of cell size.24 In 
2011, Mir et al. demonstrated the suitability of SLIM for such growth rate studies, 
confirming exponential growth rate in E. coli.19 Investigations so far have only examined 
growth rates of populations or single cells, with growth patterns of sub-cellular structures 
remaining largely unknown. In cells like neurons, where subcellular structures – axons, 
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dendrites, cell soma – behave and function so differently from each other, such 
subcellular inquiries merit special attention. The high-resolution mass-change analysis 
power of SLIM can be recruited towards addressing these questions for filopodial growth 
patterns. 
With these factors taken into account, we exploited the unique capabilities of the 
SLIM imaging system in addition to traditional confocal microscopy, to build on the 
foundations of the filopodial investigations presented above. We teased apart the 
differences between tip and shaft filopodia in primary rat hippocampal neurons across a 
range of developmental stages, from 4 DIV to 10 DIV, asking if, and how, the underlying 
cytoskeletal differences affect filopodial development. Through analyses of structure we 
found that filopodia borne along the tips are longer, and presented at higher densities, 
than shaft filopodia all through development, though their widths are not significantly 
different. In analyzing their dynamics, we found that while tip and shaft filopodia show 
similar dynamics early on, with the progression of neuronal maturation, shaft filopodia 
soon slow down while tip filopodia continue to show faster increases and decreases in 
mass, for average as well as highest rates. This mass variation corresponds primarily to 
variations in length, to filopodial growth and shrinkage. We examined growth rate trends 
in filopodia and found filopodial growth to be exponential for the majority of the duration 
of growth.  
Here, we present evidence for the existence of two distinct populations of 
dendritic filopodia, those borne on the tips and those along the shafts, based on structure 
as well as dynamics. 
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Materials and methods 
Cell culture 
Source Animal - Long-Evans BluGill rats were used in accordance with protocols 
established by the University of Illinois Institutional Animal Care and Use Committee 
and in accordance with all state and federal regulations. Hippocampi were harvested from 
P1-P2 rat pups following previously published protocols.25,26 Hibernate-A (Brain Bits, 
Springfield, IL) and Neurobasal-A (Invitrogen) media without phenol red, supplemented 
with 0.5 mM L-glutamine (Invitrogen), B-27 (Invitrogen), 100 U/ml penicillin, and 0.1 
mg/ml streptomycin (Sigma) were used for harvesting and culture, respectively. 
Hippocampi were dissected out in ice-cold Hibernate, pooled together and treated with 
papain (25 U/ml, Worthington) in Hibernate at 37 oC for 15 min, twice, with gentle 
shaking every 5 min. The papain-media was aspirated, and the tissue was rinsed with 1 
ml fresh Hibernate at 37 oC. Cells were then mechanically dissociated through trituration 
with a fire-polished Pasteur pipette in 2 ml Hibernate. The supernatant from two such 
dissociations was pooled and centrifuged at 1400 rpm for 5 min. The cell pellet was 
resuspended in 1 ml Neurobasal and the cells were counted using a Haemocytometer, and 
plated at a density of 125-150 cells/mm2 on acid-washed, PDL-coated (100 mg/ml poly-
D-lysine, Sigma) glass-bottom petri dishes. 
 
Cell labeling and immunochemistry 
DiA was used to stain cell membranes, by incubating the cells in a staining 
solution containing 2 μl DiA and 2 μl dimethyl sulfoxide (DMSO) in 2 ml Neurobasal for 
10 min, followed by a 5 min PBS rinse. For antibody labeling, cells were fixed with 
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paraformaldehyde (4%) with 4% sucrose for 15 min, permeabilized using TritonX-100 
(0.25% in PBS) for 10 min, and blocked with 5% Normal Goat Serum (NGS) for 30 min. 
Cells were incubated with primary and secondary antibodies in 2% NGS for 1 hr each. 
Primary antibody used was anti-MAP-2 (1:1000, Molecular Probes), and secondary 
antibodies were Alexa Fluor 488 and/or Alexa Fluor 568 secondary antibodies (1:1000, 
Molecular Probes). Alternatively, for filopodial visualization using phalloidin, fixed and 
permeabilized cells were incubated with 5 U/ml rhodamine-conjugated phalloidin 
(Thermo Fisher Scientific) for 20 min. Each step was followed by 5 quick rinses and one 
5-min rinse with PBS.  
 
Microscopy and data analysis 
For structural studies using DiA, neurons at 4, 7, and 10 DIV were imaged on a 
laser-equipped Zeiss LSM-510 Meta NLO confocal microscope. Z-stacks were acquired 
with a slice thickness of 0.5-1 μm, at 100x magnification for filopodial studies (Figure 
2.1A).  Imaris (Bitplane) was used for reconstruction and 3D-visualiztion of the stacks, 
and also for the subsequent quantification of cellular and filopodial parameters. The tip 
and shaft regions of dendrites, confirmed through a second staining with dendrite marker 
Microtubule Associated Protein 2, MAP2, were then analyzed individually through 3D-
reconstructions of the Z-stacks using Imaris software from Bitplane (Figure 2.1B and 
2.1D). The distal 10 μm of dendrites, inwards from dendritic end points, were designated 
as ‘tip’ (Figure 2.1C and 2.1E). The next 5 μm inwards from the tip region were excluded 
from analysis since this is likely to be a zone of transition from tip-like characteristics to 
shaft-like characteristics. The remaining length of the dendrite, leaving out the 10 μm tip 
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region and the 5 μm transition zone, was designated as the ‘shaft’ (Figure 2.1C and 2.1E). 
All results obtained with DiA labeling and Imaris analysis were validated with 
rhodamine-phalloidin labelling. Rhodamine-phalloidin stained cells were imaged on a 
Zeiss LSM 880 NLO confocal microscope at 63x, and analyzed using ImageJ. 
For dynamic analyses, live cells were imaged on an Axiovert fluorescence 
microscope equipped with a Spatial Light Interference Microscopy (SLIM) module to 
collect phase data. Images were acquired at 63x magnification every 1.5-3.0 s for a total 
of 5 min for each field of view. Background elimination, thresholding, and Region of 
Interest (ROI) selections were performed using ImageJ. Raw phase data was processed 
using MATLAB, or Dry Mass plugin (Phi Optics) on ImageJ and analyzed using 
Microsoft Excel. 
To analyze dynamics for groups of filopodia at the tips and shafts of dendrites, 
primary rat hippocampal cultures at 4 DIV were imaged at 3-sec intervals for 5 min each 
for the. After image acquisition, cells were post-stained with MAP2 for identification of 
neurons vs. glia and, dendrites vs. axons to enable selective analysis of filopodia borne on 
neuronal dendrites. ROI’s of constant area and shape were drawn to encompass groups of 
filopodia at the tips and along the shafts of dendrites (Figure 2.5A). 
Variable polygon ROI selections in ImageJ were employed to analyze the 
behavior of individual filopodia (Figure 2.6). ROI’s were drawn around each filopodium 
analyzed, such that they circumscribed the entire field swept by the filopodium in the 
duration of the time-lapse image series, while also minimizing the area enclosed in order 
to reduce noise. Each ROI was then individually processed to convert grey scale images 
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to phase, and phase to dry mass, followed by background subtraction. When applied to 
entire time series this yields dry mass changes over time for single filopodia. 
 
Results 
STRUCTURAL ANALYSES 
Dendrite tips and shafts show different filopodial expression 
In order to determine filopodial densities within sub-regions of dendrites, tips vs. 
shafts were analyzed by counting the number of filopodial end-points / unit dendrite 
length. Filopodia at the distal 10 μm of dendrite shafts were designated as tip filopodia, 
with the next 5 μm inwards being excluded from analysis as a transition zone, and 
filopodia borne along the remaining length of the dendrite designated as shaft filopodia 
(Figure 2.1). 
At 4 DIV, the tips of the dendrites show an average of 5.06 filopodia / 10 μm, 
significantly higher than filopodial densities along the shafts, 2.6 filopodia / 10 μm 
(Unpaired t test, n = 3 dishes per time point, 10 cells per dish, p < 0.01, Figure 2.2A).  
This trend extended further through development, with filopodial densities being higher 
at the tips at 7 DIV (Unpaired t test, n = 3 dishes per time point, 10 cells per dish, p < 
0.01, Figure 2.2B). Widths and lengths were also analyzed for filopodia along tips and 
shafts. While the widths did not show significant variation, tip filopodia were seen to be 
longer than shaft filopodia at both the 4 DIV and 7 DIV developmental time points 
(Unpaired t test, n = 3 dishes per time point, 10 cells per dish, p < 0.01, Figure 2.2C and 
2.2D). At 4 DIV tip filopodia showed average lengths of 4.40 μm, while shaft filopodia 
were on average 1.37 μm long (Unpaired t test, n = 3 dishes per time point, 10 cells per 
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dish, p < 0.01). At 7 DIV there was no significant change in either. Care was taken not to 
include short and stubby protrusions in the analysis (those less than 0.5 μm in length, and 
more than 0.5 μm in width) since these are likely to be spines and not filopodia, 
especially towards the later stages of development.  
By 10 DIV, there was marked neuronal network formation and clustering in the 
culture. At this stage neuronal heterogeneity becomes very evident. A part of the cellular 
population continues to bear filopodia along the tips as well as the shafts (Figure 2.3 A-
D), but the rest, while bearing filopodia along the tips, display none to only a few along 
the shafts (Figure 2.3 E-H). Even among the cells bearing filopodia, distal segments of 
dendrites were observed to bear few to no filopodia (Figure 2.3 D). For these cells, 
dendrites, or dendritic segments, bearing filopodia were selectively analyzed for densities 
(Figure 2.3I) and lengths (Figure 2.3J). Tip filopodia showed similar numbers as at 4 and 
7 DIV, but shaft filopodia, for this subset, were found to be significantly denser and 
longer than at 4 and 7 DIV (Unpaired t test, n = 3 dishes per time point, 10 cells per dish, 
p < 0.01). For these subsets tip filopodia were still more dense than shafts, though they 
were no longer longer (Unpaired t test, n = 3 dishes per time point, 10 cells per dish, p < 
0.01 for densities). Combining the data for the two populations exerts an averaging effect, 
yielding values similar to the ones observed at 4 and 7 DIV for shaft filopodia, as well. 
 
FUNCTIONAL ANALYSES 
Dendrites of live neurons were analyzed for their filopodial dynamics. Due to the 
requirements for high-resolution and fast acquisition rate, high-levels of accompanying 
photo-toxicity rule out most fluorescence-based techniques for such analyses. On the 
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other hand, label-free Spatial Light Interference Microscopy (SLIM),20 an innovative 
quantitative phase imaging based technique, proved ideal for imaging neurons with high 
sensitivity (Figure 2.4). Furthermore, the high spatial and temporal resolution capabilities 
of SLIM are well-suited to capturing the fast and high-resolution filopodial dynamics.  
 
Group analysis shows filopodial stabilization at dendrite tips 
When groups of filopodia were analyzed at acquisition rates that approach real-
time imaging (1.5-3.0 sec intervals), field-wide dry mass analysis showed a drop in dry 
mass at the tips but not at the shafts (Figure 2.5B and 2.5C). The former is indicative of 
dendritic growth which is accompanied by stabilization of a few filopodia and retraction 
of the rest. On the other hand, at the shafts, retraction of some filopodia is accompanied 
by the extension of others, resulting in an overall balancing effect such that the group dry 
mass value shows no significant increase or decrease. 
 
SLIM enables femtogram-level analysis of individual filopodia 
Group analysis, while being informative, is only indicative of population effects. 
To learn further about the behavior of individual filopodia, we extended the analysis by 
using variable polygon ROI selections in Image J and applied data to time series in order 
to yield dry mass changes over time for single filopodia. Changes in filopodial mass can 
be due to variations in length, width, and/or density. Mass variation obtained through 
SLIM was compared with length variation obtained through manual analysis in ImageJ. 
Figure 2.7 shows an example of such a comparison. A high degree of correlation was 
found between the two curves, with the correlation coefficient being higher than 0.9.  
27 
 
While length changes were found to be the most significant contributors to mass 
change data, analysis showed occasional fluctuations in width, in particular during 
periods of extension and retraction of filopodia, where width changes contributed as well. 
Density analysis, performed using dry mass analysis of regions within filopodia showed 
only negligible variation in density over the time course of imaging. Hence, variations in 
mass obtained through dry mass analysis using SLIM were found to be predominantly 
due to variations in filopodial length. 
 
Tip and shaft filopodia differ in mass change dynamics and development 
 To compute rates of change of mass as indicators of filopodial activity, neurons at 
4, 7, and 10 DIV were imaged using SLIM and regions of interest containing individual 
filopodia were selectively analyzed for changes in dry mass, as described above. Figure 
2.8 shows representative mass vs. time traces for a tip filopodium, and a shaft filopodium 
at 7 DIV. The findings were quantified with the aim of answering the following questions 
about the dynamics of tip and shaft filopodia – during the time course of imaging,  
(1) How fast can a filopodium increase or decrease in mass, i.e., grow or shrink?  
(2) What is the average rate of increase or decrease in mass?  
(3) Considering both gain and loss of mass, what is the fastest activity a filopodium is 
capable of?  
(4) Regarding the overall speed of dynamics, what is the average rate of filopodial 
mass change?  
At the early stage of 4 DIV, tip filopodia showed higher values for fastest rate of 
growth, averaging at 4 fg/s, significantly faster than shaft filopodia at 3.1 fg/s (Unpaired t 
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test, n = 3 dishes, with 7 fields of view/dish, >4 filopodia/field, p < 0.05, Figure 2.9A), 
though average growth rates were similar for both, 0.82 fg/s for tips and 0.9 fg/s for 
shafts (Figure 2.9A). Shrinkage rates for the two were similar in both the fastest and the 
average categories. 
By the more advanced stage of 7 DIV, a marked slowing down of dynamics was 
seen in the shaft filopodia, but not in tip filopodia (Figure 2.9B). The fastest rate of 
growth of shaft filopodia dropped from 3.1 fg/s at 4 DIV to 1.2 fg/s at 7 DIV, and their 
fastest rate of shrinkage went from 3.2 fg/s to 1.2 fg/s (Unpaired t test, n = 3 dishes, with 
7 fields of view/dish, >4 filopodia/field, p < 0.01). Average rates of growth and shrinkage 
fell from 0.82 fg/2 and 0.86 fg/s, to 0.32 fg/s and 0.35 fg/s respectively (Unpaired t test, n 
= 3 dishes, with 7 fields of view/dish, >4 filopodia/field, p < 0.05). For tip filopodia, no 
significant change was seen in most of the parameters examined, except for their fastest 
growth rate which saw a dip from 4 fg/s to 3.3 fg/s (Unpaired t test, n = 3 dishes, with 7 
fields of view/dish, >4 filopodia/field, p < 0.05). Consequently, at this stage, tip filopodia 
were found to be much more motile and active than shaft filopodia, showing two- to 
three-fold higher values of maximum and average growth and shrinkage rates (Unpaired t 
test, n = 3 dishes, with 7 fields of view/dish, >4 filopodia/field, p < 0.05, Figure 2.9B). 
An investigation into filopodial dynamics at 10 DIV showed no significant changes from 
those observed at 7 DIV. 
 
Tip and shaft filopodia show exponential growth 
 Dry mass data from SLIM imaging of dendritic filopodia at 7 DIV was further 
analyzed to determine the mass dependence of growth rate – whether filopodial growth is 
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linear implying that rate of growth is constant and independent of the size of the 
filopodium (Figure 2.10A and 2.10B), or exponential wherein growth rate would increase 
with filopodial mass (Figure 2.10C and 2.10D). Growth phase data for 10 tip and 10 shaft 
filopodia were extracted from the mass variation data (Figure 2.10E), and growth rates 
were plotted against mass (Figure 2.10F and 2.10G). All filopodia analyzed showed three 
stages of growth rate variation: (1) a clear exponential phase of growth, where growth 
rate increased with increasing mass, (2) a brief phase (5.6 s on average) of slowing down 
of growth, where the filpodium still grew, but the growth rate decreased, and (3) 
filopodial retraction, with growth rates dipping into the negatives demonstrative of loss of 
mass. The growth rate constants for the exponential phase ranged from 0.1 s-1 to 0.22-1, 
averaging at 0.17s-1.  
 
Discussion 
Over the past few decades, an extensive interest in axon guidance as the key to 
neuronal patterning and network formation has led to a steady stream of studies,27–29 with 
several focusing on axon growth cone filopodia. Dendritic filopodia gained recognition 
relatively recently, originally as the putative precursors of spines and synapses,30–34 and 
prominent players in dendrite growth and branching.32,35,36 More recently dendritic 
filopodia have also been implicated in developmental plasticity and even roles of repair 
and regeneration.37,38  
 Our work digs deeper into some of the questions raised by those original 
investigations into dendritic filopodia. We examine differences in structural and 
behavioral expression of filopodia on tips and shafts of dendrites in primary rat 
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hippocampal neurons at the developmental stages of 4, 7 and 10 DIV. Portera-Cailliau et 
al. had earlier studied pyramidal neurons in mouse cortical slices and found differences in 
dendritic growth cone filopodia and shaft filopodia, but only in early stages of 
development - from postnatal day (P) 2 to 5.13 At P5, they reported growth cones 
disappeared, as did the differences in the two filopodial populations. In the low density 
dish cultures we use, cells cultured at 150 cells/mm2 continued to present a differential 
filopodial expression – greater densities and lengths at the tips compared to the shafts – 
even up to the advanced stage of 10 DIV (Figure 2.2 and 2.3). This finding of the 
existence of two distinct populations of filopodia, even up to 10 DIV, is in agreement 
with electron microscopy investigations by Korobova and Svitkina, who showed 
differences in the cytoskeletal organization of tip and shaft filopodia at 10 DIV, 
indicative of the persistence of differences in the two populations to more advanced 
stages of development.12 For structures as sensitive and as responsive as filopodia, culture 
condition factors such as substrates, cell density, and growth factors can heavily impact 
the biological read-out. A 300 μm thick cortical brain slice presents a very different 
environment compared to a low density dish culture. Filopodia in a slice environment are 
constantly in contact with other neurites and/or cells. On the other hand, we selectively 
analyzed free filopodia that were not interacting with other cells in order to ensure 
uniformity of culture conditions from filpodium to filopodium, since cell contact would 
itself constitute a confounding influence on filopodial development.39 This analysis, 
therefore, highlights the exploratory aspect of a filopodium’s activity, in favor of the 
connection consolidation phase that follows contact with other cells.  
31 
 
 In addition to differences in the filopodial presentation parameters of densities 
and lengths, we also found differences in the behavioral dynamics of tip and shaft 
filopodia. We analyzed second-to-second changes in filopodial mass achieving 
femtogram-level resolution using label-free imaging with SLIM. In early stages of 
development, the two populations showed similar dynamics, except that filopodia at the 
tips showed faster growth. This could be attributed to the presence of growth cones at the 
tips which provides a ready pool of actin for quick incorporation into budding filopodia at 
the tips. Additionally, the higher density of filopodia at the tips implies a higher 
concentration of actin polymerization and de-polymerization machinery which could aid 
faster growth.  
With further maturation over 7 and 10 DIV, tip filopodia mostly retained their 
faster dynamics, except for a slight dip in growth rates which could be associated with a 
reduction in the sizes of growth cones as the cell develops. Interestingly, shaft filopodia 
showed a significant slowing down by 7 and 10 DIV, with growth and shrinkage rates 
dropping to half the values observed at 4 DIV. Hence, in the course of dendritic 
development, tip and shaft filopodia start out with similar dynamics, but progression of 
neuronal maturation is accompanied by a selective slowing down of the filopodia along 
the shaft. Such findings make it tempting to consider a transitional model of shaft 
filopodial development that posits a gradual change in shaft filopodia from early stages, 
when they are more similar to the conventional filopodium like tip filopodia, to later 
stages when they begin to slow down, approaching and preparing for the transition to 
spines and/or synapses. A closer examination of cytoskeletal structure and modulators of 
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actin dynamics in shaft filopodia in earlier stages of development would help elucidate 
filopodial behavior in these stages. 
As in studies of structure, methodological diversity can be an even greater source 
of variation for studies of dynamics. Fluorescence-based studies of filopodial motility can 
usually support only low image acquisition rates for long durations due to photo-toxicity 
concerns, employing parameters such as acquisition rates of one image every 30 s for a 
10 min duration,13 or even as much as more than 6 min / measurement.30,40 These 
protocols fail to capture the second-to-second changes that we were able observe through 
label-free SLIM imaging. To minimize any other variations and to ensure the highest 
degree of accuracy, we imposed set guidelines for our analyses. (1) Times where two or 
more filopodia touched or crisscrossed were not included in the analysis since it is not 
possible to accurately attribute a certain portion of the dry mass in the field to one 
filopodium vs. the other(s). This also reduces the chances of the alteration in filopodial 
behavior due to interaction with neighboring filopodia obfuscating the readouts. (2) 
Another selection factor imposed was that filopodia were analyzed only during those 
times when they were not touching other neurites or cells, or cell debris. This is because 
cell-cell contact or topographical cues provided by these is expected to influence 
filopodial dynamics.39 A fair comparison would require ensuring that all filopodia 
analyzed received similar levels of contact-based stimulation, which is not feasible. (3)  
Finally, cells close to dead or dying cells, as identified by membrane blebbing, were 
completely excluded from analysis. An intriguing extension of this work would be the 
examination of these external influences on filopodia – if, and how, a filopodium’s 
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interaction with its neighboring filopodia, with other cells or neurites, and with debris and 
other topographical features, influence its presentation and behavior. 
 Another interesting outcome of our analysis was an elucidation of the growth 
pattern of filopodia. Recent years have seen a number of forays into single-cell mass 
measurements, but to our knowledge mass variations in subcellular structures remain 
largely unexplored. The high spatial and temporal resolution of SLIM is uniquely suited 
to such analyses. Our analysis of filopodial mass variances revealed that filopodia exhibit 
an exponential growth, that is, the longer the filopodium, the faster it grows (Figure 
2.10). This is a finding that has a number of implications for the field. The exponential 
growth might be demonstrative of the mechanical obstacles faced by a budding 
filopodium, such as membrane resistance, that might be easier to overcome with 
increasing mass. It could also hint to a cooperative recruitment of the machinery 
employed in filopodial extension. Another characteristic feature of systems that show 
exponential growth is the existence of checkpoints or regulatory systems that keep the 
growth in check.19,41 The actin cytoskeletal system that forms the core of filopodial 
dynamics, is a system that lends itself especially well to control and regulation. The 
nuances of this regulation and how it pertains to the maintenance of an exponential 
growth rate in filopodia are questions that merit further investigation. 
 In conclusion, this work posits the existence of two distinct populations of 
dendritic filopodia in hippocampal neurons as evidenced by differences in structure and 
dynamics. Tip filopodia were shown to be longer and presented at higher densities than 
shaft filopodia, across the progression of neuronal development from 4 to 10 DIV. The 
high spatial and temporal resolution capabilities of SLIM were employed towards 
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investigating femtogram-level mass changes in filopodial dynamics. In the early stages of 
4 DIV, the two populations displayed similar dynamics, but by 7 and 10 DIV, shaft 
filopodia slowed down significantly – potentially reflecting a change in the underlying 
cytoskeleton as has been reported before.12 Growth dynamics were further examined, 
revealing filopodial growth to be exponential in nature, with the growth rate increasing 
with increasing mass. With dendritic filopodia being at the core of the processes of 
spinogenesis, synaptogenesis and dendritic morphogenesis, these findings will contribute 
greater comprehension of the processes of neuronal patterning and network formation. 
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Figures 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 2.1.  Filopodial reconstruction using Imaris (A) Original Z-stack of a 7 DIV 
hippocampal neuron labeled using membrane dye DiA. Scale bar = 10 µm (B) Final 
image with neurite reconstruction (red, with white arrows) and spine reconstruction (blue, 
with yellow arrows). Filopodia are process extensions in green (orange arrows). (C) 
High-resolution Z-stack image of a DiA labeled dendrite showing demarcation of tip and 
shaft, showing full filament reconstruction (D) and region-specific reconstruction (E) 
with dendrite in red and filopodia in blue. Scale bars in C, D, E = 7 µm. 
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Figure 2.2. Filopodia at dendrite tips are denser and longer than those along shafts. 
Z-stack images of primary hippocampal neurons at 4, 7, and 10 DIV were reconstructed 
using Imaris. Filopodial numbers were then quantified and filopodial densities calculated 
as number of filopodia/10 μm dendrite. (A) At 4 DIV dendrite tips bear a significantly 
higher density of filopodia: 19.6 filopodia/10 μm at the tips as compared to 4.6 
filopodia/10 μm along the shafts (A). (B) The trend persists at 7 DIV with 12.6 filopodia / 
10 μm at the tips, and 3.3 filopodia/10 μm at the shafts. Filopodia at the tips were also 
found to be longer than those along the shafts, both at 4 DIV (C) and 7 DIV (D). 
Unpaired t test, n= 3 dishes per time point, 10 cells per dish, * p < 0.01. 
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Figure 2.3. Cellular heterogeneity at 10 DIV with differential filopodial expression. 
Rat primary hippocampal neurons at 10 DIV were fixed and stained for actin (rhodamine-
phalloidin, red), and dendrite marker, MAP-2 (Microtubule Associated Protein – 2, 
green). At this stage, a part of the cellular population continues to bear filopodia at the 
tips and the shafts (A-D), while the rest have almost none along the shafts (E-H). 
Dendritic segments in D and H, from boxed regions in A and E, respectively, highlight 
the difference in filopodial expressions. Even within cells bearing filopodia, distal 
segments of dendrites were found to be bare (D, yellow arrow). Filopodia-bearing 
segments were selectively analyzed for filopodial densities (I) and lengths (J). Tip 
filopodia showed similar numbers as at 4 and 7 DIV, but shaft filopodia, for this subset, 
were found to be significantly denser and longer. Combining data for the two populations 
yields values similar to the ones observed at 4 and 7 DIV. Unpaired t test, n = 3 
dishes/time point, 10 cells/dish, * p < 0.01. Scale bar = 10 μm.  
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Figure 2.4. Spatial Light Interference Microscopy enables label-free, live-cell 
analyses. (A) Schematic representation of Spatial Light Interference Microscopy (SLIM) 
adapted from Wang et al. 2011.20 The setup includes a SLIM module (orange) installed 
on a conventional phase contrast microscope (blue). Introduction of additional phase 
modulation in increments of π/2 (0, π/2, π, and 3π/2) through this module, enables the 
generation of optical path length maps. These correspond to dry mass in the region. (B) 
Quantitative phase image of a primary rat hippocampal neuron at 4 DIV. Color bar 
indicates path length in nm, with lower path length corresponding to lower dry mass. 
Scale bar = 20 μm. 
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Figure 2.5. Dry mass analysis reveals filopodial retraction at dendrite tips. Phase 
data from SLIM (A) was used to determine the dry mass in the field of view. Analyzed 
over time, it was used to decipher extension and retraction trends for neurons at 4 DIV 
(B). Filopodia at dendrite tips showed a considerable drop in dry mass over time 
indicative of growth which is accompanied by stabilization of a few filopodia and 
retraction of the rest. For shaft filopodia, extensions mostly balanced retractions during 
this phase. 
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Figure 2.6. Femtogram-level resolution of SLIM enables analysis of individual 
filopodia. Primary rat hippocampal neurons were imaged at 7 DIV. (A) To analyze the 
dynamics of an individual tip filopodium, an ROI was drawn around it (yellow box), 
taking care that it circumscribed the entire field swept by the filopodium in the duration 
of the time-lapse series, while also minimizing the area enclosed to reduce noise. Scale 
bar = 0.5 μm. (B) The optical path length data in the ROI was processed to convert grey 
scale intensity values to phase, and then phase to dry mass, followed by background 
subtraction. When applied to the time series, this yielded the dry mass changes in the ROI 
which follow (blue arrows) the extension and retraction of the filopodium (yellow 
arrows).  
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Figure 2.7. Mass-length correlation in SLIM analysis. (A) Phase data from SLIM was 
used to determine the dry mass in the field of view for a 4 DIV shaft filopodium. (B) The 
same SLIM-generated image set was analyzed using ImageJ to calculate filopodial length 
variation over time. (C) Correlation comparison following normalization of the two 
curves in (A) and (B) emphasizes the fidelity of the analysis system. Correlation 
coefficient, r = 0.949. 
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Figure 2.8. Representative traces of mass dynamics. Primary rat hippocampal neurons 
at 7 DIV were imaged using time-lapse SLIM imaging with images acquired every 3 sec. 
Phase data so obtained was used to determine the dry mass change in regions of interest 
containing single filopodia. Tip filopodia typically showed faster dynamics, with greater 
changes in mass occurring faster, than shaft filopodia as shown in representative traces 
for tip filopodia (A) and shaft filopodia (B).  
A            B 
46 
 
  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 2.9. Tip and shaft filopodia differ in mass change dynamics and 
development. Phase data from SLIM at 4 DIV and 7 DIV was used to determine the dry 
mass change in regions of interest containing single filopodia. With time-lapse imaging 
every 3 s, mass-change rates for individual filopodia were determined in femtogram/s. 
(A) At 4 DIV, tip filopodia showed higher values for fastest rate of growth, and fastest 
change in mass, than did the shaft filopodia. (Unpaired t test, n = 3 dishes, with 7 fields 
of view/dish, with >4 filopodia/field, ** = p < 0.05). For other indicators of dynamics, 
the two populations showed similar values. (B) By 7 DIV, a marked, significant slowing 
down of dynamics was seen in the shaft filopodia (Unpaired t test, n = 3 dishes, with 7 
fields of view/dish, >4 filopodia/field, p < 0.05 for all parameters examined). Tip 
filopodia retained their original fast dynamics, except for a dip in their fastest growth rate 
and fastest mass change (Unpaired t test, n = 3 dishes, with 7 fields of view/dish, >4 
filopodia/field, p < 0.05). Tip filopodia showed faster dynamics than shaft filopodia for 
all parameters examined. (Unpaired t test, n = 3 dishes, with 7 fields of view/dish, >4 
filopodia/field, * = p < 0.01)  
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Figure 2.10. Mass dependence of growth rate in filopodia. (A-D) Characteristic traces 
for linear growth (A, B) and exponential growth (C, D). The former implies a constant 
rate of change of mass (M) over time, depicted as [d/dt(M) = c] (B), while the latter is 
characterized by a growth rate that increases with increasing mass, as [dM(t)/dt = αM(t)], 
where α is the growth rate constant. (E) Representative mass change data from SLIM 
imaging of a filpodium at 7 DIV. Further analysis of a growth phase (blue box, E) 
showed that growth rate increased as mass increased, until the filopodium reached close 
to its peak mass when growth rate dropped (F). (G) Increasing growth rate (green box, F) 
analyzed selectively, yields a growth constant of 1.1 s-1. 
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CHAPTER 3: SEMAPHORIN 3A ACCELERATES DENDRITE DEVELOPMENT 
THROUGH SHAFT FILOPODIA 
 
Abstract2 
The intricate wiring of the nervous system relies on filopodial navigation to form 
complex interconnections between neurons through their axons, dendrites, and the cell 
soma itself. Until recently, cellular investigations into filopodial dynamics had focused 
primarily on axonal growth cone filopodia. Spurred by technological advances, scientists 
have now begun to explore the structural and functional landscape of dendritic filopodia. 
Here we investigate the role of Sema3A in guiding dendritic morphogenesis, 
spinogenesis, and synaptogenesis. We show that it acts not only at the level of the 
dendrites, promoting neurite survival and growth, but also at the level of the filopodia. 
Since there has been some evidence indicating a difference in filopodia borne along 
dendrite tips vs. those borne along dendrite shafts, we treat the two populations as distinct 
and tease apart their different responses. Structural analyses of numbers, lengths, and 
locations are complemented by studies of dynamic functional aspects of growth and 
shrinkage rates. This is made possible through Spatial Light Interference Microscopy 
(SLIM), an innovative quantitative phase imaging method that makes possible high-
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Electrical and Computer Engineering and Beckman Institute, University of Illinois at 
Urbana-Champaign, Prof. Popescu provided open access to his innovative imaging 
equipment and insights determining mass-transport using Scattered Light Interference 
Microscopy (SLIM). Taewoo Kim, graduate student at the Popescu Lab, helped with 
image acquisition and dry-mass analysis for one of the repeats of the filopodial dynamics 
experiments. Support was provided by the National Science Foundation IGERT 0965918 
(AJ) and STC CBET 0939511 (MUG, GP), and the National Institutes of Health NIH 
R21MH085220 and R21MH101655 (MUG). 
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resolution label-free imaging of live cells through interferometry and allows 
measurements of the dry mass of live neurons at femtogram levels.1,2 This convergence 
of filopodial investigations and the technology for engineering micro-environments, 
when coupled with high resolution imaging and analysis, enabled new insights on local 
signals, including Sema3A, that initiate and establish neuron-neuron interactions at the 
filopodial level. A greater comprehension of such processes that shape the development 
of neuronal networks is helping unravel the mechanistic bases of developmental disorders 
and diseases. 
 
Introduction 
The establishment of the complex patterns of neuronal connectivity during 
development relies heavily on guidance molecules that steer migrating neurons and 
extending neuronal processes to their appropriate targets.3,4 Semaphorins form a key 
group among these regulators of neuronal development. They comprise a large, and 
diverse but phylogenetically conserved family of proteins that include transmembrane 
and secreted, long-range and short-range guidance molecules, all defined by the presence 
of a conserved extracellular ~500-amino-acid domain called the semaphorin domain.5–7 
They were initially characterized as exclusively inhibitory in their guidance mechanism, 
but have since been reported to exhibit attractant behavior as well, with several members 
of the family being bifunctional.8,9  The first member of this group to be identified was 
Fasciclin IV, which was detected in 1992 in the grasshopper embryo through antibody 
screening and blocking experiments in studies of fasiculating axons.10 It has since then 
been renamed as Semaphorin 1a.10 The first of the semaphorins to be identified in 
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vertebrates was collapsin-1.11 It was discovered in 1993 in chickens using an in vitro 
assay developed to detect axonal growth cone collapse,12 and was named collapsin for its 
rapid induction of growth cone collapse in sensory neurons. After a brief period of being 
known as SemaphorinD, it is today recognized as Semaphorin 3A, or Sema3A, and has 
several guidance functions attributed to it. 
Semaphorins function not only in neuronal development, but also in several other 
tissues. Sema3A, in particular, has been shown to have several other region-specific 
guidance effects throughout the body. For instance, it has been implicated in bone 
remodeling,13 guidance and remodeling of the vasculature,14 development of the heart,15 
lung morphogenesis,16 and potentially even immune cell migration.17 It has also been 
reported to regulate tumor progression, inhibiting the spread of breast and prostate cancer 
cells,18,19 and contributing to the spread of pancreatic and colon cancers.20,21   
Within the nervous system, Sema3A’s role in neuronal patterning has been found 
to extend beyond influencing neurites, with studies showing its involvement in guiding 
neural crest cell migration,22–24 and the radial migration and regeneration of cortical 
neurons.25 However, the most well studied role of Sema3A remains that of neuron 
guidance, in particular through axonal growth cone repulsion, with a wealth of studies 
elucidating the roles of collapsin response mediator proteins (CRMPs) and rac1 in the 
Sema3A signaling pathway,26–28 its stimulation of endocytosis at the growth cone,29 
underlying cytoskeletal changes30 and several others.31 Its guidance effect has been 
shown to be vital in the development of several brain regions,32 including steering 
connections from the entorhinal fibers in the hippocampus33 and establishing the 
glomerular sensory map in the olfactory bulb,34 to name just a few. In addition to acting 
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as a growth cone repellant, Sema3A instructs axon development through inhibition of 
axon branching,8,35 and pruning of axon branches.36  
Among the most notable features of Sema3A is its contrasting guidance of 
dendrites. Instructing axons through repulsion, it exerts the exact opposite effect and acts 
as an attractant for dendrites. Polleux et al. discovered this in 2000, in mouse cortical 
pyramidal neurons using slice overlay assays and Sema3A knockout mice.37 They found 
that Sema3A acts an attractant for apical dendrites and directs their extension towards the 
pial surface, while at the same time repelling axons into the underlying white matter. This 
differential regulation at the sub-cellular level is accomplished through differences in 
cGMP levels in axons and dendrites. Elevation of cGMP levels was found to convert 
Sema3A mediated repulsion into attraction in Xenopus spinal cord neurons,38 and 
dendrites of cortical pyramidal neurons have high levels of guanylate cyclase which 
result in a dendrite-specific cGMP elevation thereby transforming the Sema3A cue into 
an attractive one. Sema3A has since been shown to enhance dendrite branching as well as 
extension,39,40 and to direct the establishment of neuronal polarity in undifferentiated 
neurites, suppressing their differentiation into axons and promoting dendrite formation.41 
Being a signaling protein that selectively promotes dendrite survival and growth, 
Sema3A’s effects on the dendritic filopodia are all the more relevant. It has been shown 
to be involved in dendrite branching, spine maturation and synapse formation, but its 
differential regulation of these developmental processes at the level of tip and shaft 
filopodia remains unknown.40,42 
We take these findings a step further and examine the effects on Sema3A on the 
presentation and behavior of dendritic filopodia of primary rat hippocampal neurons. 
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Since there has been some evidence indicating differences in filopodia borne along 
dendrite tips (10 μm at apical end) and those borne along dendrite shafts,43,44 we treat the 
two populations as distinct and tease apart their different responses to Sema3A. We show 
that Sema3A acts not only at the level of the dendrites, promoting neurite survival and 
growth, but also at the level of the filopodia, in particular shaft filopodia, accelerating 
spinogenesis and synaptogenesis, and thereby acting as a key regulator of network 
formation. We observe that a 24 h exposure to Sema3A at 1 DIV, selectively influences 
filopodial presentation along the shafts, resulting in an acceleration of maturation, as well 
as an acceleration of the dynamics of shaft filopodia at 7 DIV detected as mass changes 
through SLIM imaging. Bath application of Sema3A also elicits an axonal response, 
which might itself affect the cells as a whole, and could confound the filopodial read out. 
To avoid this, we supplement bath application studies with investigations using 
microfluidic devices that enable focal, sub-cellular application of Sema3A. 
Here we discuss these selective effects of Sema3A on the development of shaft 
filopodia, and their consequences towards dendritic morphogenesis, spinogenesis and 
synaptogenesis.  
 
Materials and methods 
Cell culture 
Source animal - Long-Evans BluGill rats were used in accordance with protocols 
established by the University of Illinois Institutional Animal Care and Use Committee 
and in accordance with all state and federal regulations. Hippocampi were harvested from 
P1-P2 rat pups following previously published protocols.45 Hibernate-A (Brain Bits, 
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Springfield, IL) and Neurobasal-A (Invitrogen) media without phenol red, supplemented 
with 0.5 mM L-glutamine (Invitrogen), B-27 (Invitrogen), 100 U/ml penicillin and 0.1 
mg/ml streptomycin (Sigma) were used for harvesting and culture respectively. 
Hippocampi were dissected out in ice-cold Hibernate, pooled together and treated with 
papain (25 U/ml, Worthington) in Hibernate at 37 oC for 15 min, twice, with gentle 
shaking every five minutes. The papain-media was aspirated, and the tissue was rinsed 
with 1 ml fresh Hibernate at 37 oC. Cells were then mechanically dissociated through 
trituration with a fire-polished Pasteur pipette in 2 ml Hibernate. The supernatant from 
two such dissociations was pooled and centrifuged at 1400 rpm for 5 min. The cell pellet 
was resuspended in 1 ml Neurobasal and the cells were counted using a Haemocytometer, 
and plated at a density of 125-150 cells / mm2 on acid-washed, PDL-coated (100 mg/ml 
poly-D-lysine, Sigma) glass-bottom petri dishes. 
 
Device fabrication and assembly 
Devices were prepared as previously described.46 Briefly, Si-masters were created 
using photolithography on silicon wafers using SU-8 photoresist with quartz/chromium 
mask. To ensure easy release of devices, wafers were coated with (tridecafluoro-1,1,2,2-
tetrahydrooctyl)trichlorosilane. To prepare devices polydimethylsiloxane, PDMS, 
(Sylgard 184, Dow Corning) at a pre-polymer:catalyst ratio of 10:1 was poured onto the 
masters to a thickness of 5-8 mm. The devices were de-gassed in a vacuum chamber and 
cured at 60 oC for 2 h. Once cooled, they were peeled off the masters, and inlets and 
outlets were created using a 4 mm biopsy punch. They were then put through a solvent 
extraction using HPLC-grade pentane (Fisher Scientific); xylenes isomers plus 
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ethylbenzene 98.5+% (xylenes) (Sigma); 200 proof ethanol to rid them of un-
polymerized oligomers, remaining catalyst and other impurities. Solvent extraction 
involves submerging the devices in pentane for 16 h, xylene for 1–2 h, xylene for 2–4 h, 
ethanol for 1–2 h twice, ethanol overnight, and, finally, sterile DI water overnight, 
followed by 1 day for drying. Ready devices were bonded to coverslips using oxygen 
plasma. Device bottom side up, and the cover glasses were placed in a plasma generator 
for a plasma exposure of 50 s to 1 min. Upon removal from the generator, devices were 
flipped onto the cover glasses with gentle pressure to ensure good conformal contact. 
They were then autoclaved and the channels coated with PDL for 2 h before seeding 
cells. 
 
Semaphorin3A treatment 
Cells were seeded onto glass-bottom dishes in 1 ml media. Stock solutions were 
prepared using lyophilized recombinant mouse Semaphorin 3A Fc chimera (5926-S3-
025, R&D Systems) reconstituted in PBS with 0.1% BSA, for a stock concentration of 1 
μM. After allowing a 30 min period for cells to attach to the substrate, an additional 1 ml 
of Sema3A containing media was added for final concentrations of 1 nM, 5 nM or 10 
nM. For device cultures, after the attachment period, media in the channels was replaced 
by introducing Sema3A containing media at the final concentration of 1 nM, at the inlet 
and reactivating flow by removing media from the outlet. After 24 h of Sema3A 
exposure, the media was gently aspirated and the cells rinsed with fresh Neurobasal. 
Fresh Neurobasal was added (2 ml for the dishes, and 40 μl for devices) and the cells 
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were returned to the incubator. For controls, the treatment solution was PBS with 0.1% 
BSA without any semaphorin. 
 
Cell labeling and immunochemistry 
DiA was used to stain cell membranes, by incubating the cells in a staining 
solution containing 2 μl DiA and 2 μl Dimethyl Sulfoxide (DMSO) in 2 ml Neurobasal 
for 10 min, followed by a 5 min PBS rinse. For antibody labeling, cells were fixed with 
paraformaldehyde (4%) with 4% sucrose for 15 min, permeabilized using TritonX-100 
(0.25% in PBS) for 10 min and blocked with 5% Normal Goat Serum (NGS) for 30 min. 
Cells were incubated with primary and secondary antibodies in 2% NGS for 1 h each. 
Primary antibody used was anti-MAP-2 (1:1000, Molecular Probes), and secondary 
antibodies were Alexa Fluor 488 and/or Alexa Fluor 568 secondary antibodies (1:1000, 
Molecular Probes). Alternatively, for filopodial visualization using phalloidin, fixed and 
permeabilized cells were incubated with 5 U/ml rhodamine conjugated phalloidin 
(Thermo Fisher Scientific) for 20 min. Each step was followed by 5 quick rinses and one 
5-min rinse with PBS.  
 
Microscopy and data analysis 
For structural studies using DiA, neurons at 4, 7, and 10 DIV were imaged on a 
laser-equipped Zeiss LSM-510 Meta NLO confocal microscope. Z-stacks were acquired 
with a slice thickness of 0.5-1 μm, at 100x magnification for filopodial studies (Chapter 
2, Figure 2.1A).  Imaris (Bitplane) was used for reconstruction and 3D-visualiztion of the 
stacks, and also for the subsequent quantification of cellular and filopodial parameters. 
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The tip and shaft regions of dendrites, confirmed through a second staining with dendrite 
marker Microtubule Associated Protein 2, MAP2, were then analyzed individually 
through 3D-reconstructions of the Z-stacks using Imaris software from Bitplane (Chapter 
2, Figure 2.1B and 2.1D). The distal 10 μm of dendrites, inwards from dendritic end 
points, were designated as ‘tip’ (Chapter 2, Figure 2.1C and 2.1E). The next 5 μm 
inwards from the tip region were excluded from analysis since this is likely to be a zone 
of transition from tip-like characteristics to shaft-like characteristics. The remaining 
length of the dendrite, leaving out the 10 μm tip region and the 5 μm transition zone, was 
designated as the ‘shaft’ (Chapter 2, Figure 2.1C and 2.1E). All results obtained with DiA 
labeling and Imaris analysis were validated with rhodamine-phalloidin labelling. 
Rhodamine-phalloidin stained cells were imaged on a Zeiss LSM 880 NLO confocal 
microscope at 63x, and analyzed using ImageJ. 
For dynamic analyses, live cells were imaged on an Axiovert fluorescence 
microscope equipped with a Spatial Light Interference Microscopy (SLIM) module to 
collect phase data. Images were acquired at 63x magnification every 1.5-3.0 s for a total 
of 5 min for each field of view. Background elimination, thresholding, and Region of 
Interest (ROI) selections were performed using ImageJ. Raw phase data was processed 
using MATLAB, or Dry Mass plugin (Phi Optics) on ImageJ and analyzed using 
Microsoft Excel. 
Variable polygon ROI selections in ImageJ were employed to analyze the 
behavior of individual filopodia. ROI’s were drawn around each filopodium analyzed, 
such that they circumscribed the entire field swept by the filopodia in the duration of the 
time-lapse image series, while also minimizing the area enclosed in order to reduce noise. 
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Each ROI was then individually processed to convert grey scale images to phase, and 
phase to dry mass, followed by background subtraction. When applied to entire time 
series this yields dry mass changes over time for single filopodia.  
 
Results 
Semaphorin3A is present in the hippocampus in early stages of development, 
guiding neuronal development to generate the layered architecture of the hippocampus. 
Experiments were designed with this early stage exposure in mind. Primary rat 
hippocampal neurons seeded onto dishes or into microfluidic devices were allowed one 
hour to attach to the substrate, after which Sema3A containing media was introduced for 
a final concentration of 1 nM, and 5 or 10 nM, for a 24 h treatment phase (Figure 3.1A).  
 
STRUCTURAL ANALYSES 
Sema3A treatment selectively increases filopodial density along dendritic shafts 
Neurons from treated and control cultures were fixed and stained using membrane 
stain DiA. In order to determine filopodial densities within sub-regions of dendrites, tips 
vs. shafts were analyzed by counting the number of filopodial end-points / unit dendrite 
length. Filopodia at the distal 10 μm of dendrite shafts were designated as tip filopodia, 
with the next 5 μm inwards being excluded from analysis as a transition zone, and 
filopodia borne along the remaining length of the dendrite designated as shaft filopodia. 
At 4 DIV Sema3A treated cells showed an increase in filopodial densities from 
2.6 filopodia / 10 μm for controls to 4.67 filopodia / 10 μm along dendritic shafts 
(Unpaired t test, n = 10, p = 0.0310, Figure 3.1B). This increased filopodial density along 
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the shaft could form the basis of the increased branching in the dendritic arbor seen in 
response to Sema3A exposure. There was no significant increase in filopodial densities 
along the tips (Figure 3.1C). This might be because the tips are already densely packed 
with filopodia. No significant variation was seen in the width, lengths or volumes of 
filopodia at 4 DIV. 
 
Sema3A promotes filopodial maturation to spines along the shafts 
By the 7 DIV stage, dendritic filopodia start maturing. Some of those that are not 
retracted form the foundation for laying down of new dendritic branches – as seen in the 
increased branching induced by Sema3A exposure. Other stabilized filopodia go on to 
form the complex structures of spines and/or synapses. Spines are typically characterized 
by a mushroom or stub shape with a bulbous ‘head’ connected to the dendrite through a 
narrow ‘neck’ region. Maturation to spine morphology can therefore be inferred from a 
ratio of maximum width of the head region to the minimum width of the neck region. We 
term this ratio the maturation coefficient (Figure 3.2A). These coefficients were 
calculated for tip and shaft filopodia for neurons at 4 and 7 DIV, with and without 
Sema3A treatments. As expected, at the 4 DIV stage filopodia were mostly immature and 
rod-like in morphology. However, by the 7 DIV stage filopodial maturation to spines 
starts becoming evident. Shaft filopodia of neurons treated with 1 nM Sema3A at 1 DIV 
showed higher values of maturation coefficients than untreated controls, indicative of an 
acceleration of filopodial maturation towards a spine morphology (Two-way ANOVA, n 
= 5, p = 0.0015, Figure 3.2B). No such increase was observed for tip filopodia, implying 
that this is a shaft-filopodia-specific response. 
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Sema3A promotes synaptogenesis 
Synapses were visualized using synapse marker PSD-95 at days 10 and 14. Area 
and volume of PSD-95 clusters were estimated using 3D reconstruction of Z-stacks with 
Imaris. PSD-95 distribution is not uniform along neurite lengths, with lower order thicker 
branches closer to the soma bearing more clusters. Hence instead of number of PSD-95 
clusters per unit dendrite length, more accurate measures are total PSD-95 cluster area 
per unit dendrite area, and PSD-95 cluster volume per unit dendrite volume. Sema3A 
treatment at 1 nM and 5 nM led to a significant increase in both these measures (One-way 
ANOVA, n = 16, p = 0.005 for area and p = 0.03 for volume, Figure 3.3). There was no 
significant difference in the volume distribution among these clusters (Figure 3.4) 
suggesting that Sema3A increases clustering while also initiating formation of new 
clusters. 
 
Compartmentalized cultures enable selective stimulation 
Since Sema3A is a repulsive cue for axons, Sema3A-induced axonal repulsion 
could lead to an adverse response at the level of the whole cell. Such suppressive effects 
might affect filopodial read outs. To prevent such overflow of the adverse effects of 
axonal repulsion, microfluidic devices were incorporated into the experimental design to 
enable selective stimulation of dendrites only through device-assisted 
compartmentalization of neurons (Figure 3.5). As shown in the schematic, the device 
consisted of 3 parallel channels connected by narrow inter-connecting channels (or 
interconnects) 3 μm x 3 μm, and 45 μm long (Figure 3.5A). Flow rates of 0.1-1 nl/sec 
achieved through gravity-induced flow were found to be optimum for microdevice 
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cultures, and also enabled introduction of Sema3A into the central channel, while 
restricting the cell bodies to the side channel(s) (Figure 3.5B). Fluidic isolation tests were 
performed to confirm the absence of any fluid exchange among the channels (Figure 3.6) 
to endure that the Sema3A treatment was restricted to the neurite compartment, and did 
not leak into the cell body channel. This allowed selective stimulation of dendritic 
filopodia in environments that enabled high spatio-temporal control over the application 
of Sema3A guidance cues at varying concentrations (Figure 3.5C). Even with this 
selective stimulation, tip filopodia did not show increases in densities, or spine and 
synapse formation. Increases for shaft filopodia, for all three measures, were similar to 
those obtained using dish analyses and bath application of Sema3A. 
 
FUNCTIONAL ANALYSES 
Dendrites of live neurons were analyzed for their filopodial dynamics. Due to the 
high-resolution and fast acquisition rate requirements, high-levels of accompanying 
photo-toxicity rules out most fluorescence-based techniques for such analyses. On the 
other hand, label-free Spatial Light Interference Microscopy (SLIM),1 a quantitative 
phase imaging based technique, proved ideal for capturing filopodial dynamics. 
 
Sema3A treated tip filopodia show a more deterministic motion 
 Primary rat hippocampal neurons at 4 DIV were imaged using time-lapse SLIM 
with images acquired every 3 seconds for 5 minutes. The dynamics captured were 
analyzed through dispersion-relation phase spectroscopy (DPS)1 using ROI selections for 
selective tip vs. shaft analysis. This yielded a comparison of the movements of the tip 
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filopodia and the shaft filopodia with and without Sema3A (Figure 3.7). Tip filopodia 
were seen to be faster, and addition of Sema3A made the filopodial explorations more 
deterministic.  
 
Sema3A accelerates average growth and shrinkage rates for shaft filopodia only 
 Neurons at 4, 7 and 10 DIV were imaged using SLIM and neurites confirmed as 
dendrites through post-imaging MAP2 staining were selected for filopodial dry mass 
analysis. For these neurites, regions of interest containing individual filopodia at the tips 
and shafts were selectively analyzed for changes in dry mass.  These changes were used 
to compute growth and shrinkage rates as indicators of filopodial dynamics. Sema3A 
administered for 24 h at 0-1 DIV led to increases in average growth and shrinkage rates 
for shaft filopodia (Figure 3.8) at 7 DIV, with average growth rate increasing from 0.32 
fg/s to 0.9 fg/s (One-way ANOVA, n = 12, p < 0.05), and average shrinkage rate going 
from 0.35 fg/s to 0.95 fg/s (One-way ANOVA, n = 12, p < 0.05) with the administration 
of 1nM Sema3A. This upswing was not observed for tip filopodia at any developmental 
stage, or for shaft filopodia at 4 and 10 DIV. The maximum rates of growth and 
shrinkage, i.e., the fastest that a filopodium was seen to grow and shrink, increased for tip 
and shaft filopodia, at 4 and 7 DIV. For instance, for shaft filopodia at 7 DIV the 
maximum growth rate increased from 1.2 fg/s to 3 fg/s, and the maximum rate of 
shrinkage increased from 1.3 fg/s to 3.5 fg/s (One-way ANOVA, n = 12, p < 0.05).  
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Discussion 
 A majority of studies into neuronal development treat the dendrite as a 
homogenous region, clubbing together filopodia borne along the shafts with those borne 
at or near the tips of the dendrites. Portera-Cailliau et al. showed in 2003, that growth 
cone filopodia differ from shaft filopodia, in terms of densities and lengths, and in their 
response to blocking of synaptic transmission, and of ionotropic glutamate receptors.44 
With their system of choice of acute slices of the mouse neocortex, they observed these 
differences only up to the P5 stage of development. In 2010, Korobova and Svitkina 
reported the existence of a different actin organization in shaft filopodia at 10 DIV.43 This 
work fills the gap between those two studies, investigating differences between tip and 
shaft filopodia at 4, 7, 10 and 14 DIV, and examining structure and dynamics, (Chapter 
2), as well as responses to developmental cues, specifically, Sema3A.  
 Sema3A is a unique cue, in that it acts as a repulsive cue to axons, and an 
attractive cue to dendrites. Furthermore, it not only induces an increase in dendritic 
length and branching, but also accelerates spine and synapse formation. We found that 
semaphorin affects tip and shaft filopodia differentially – affecting an increase in the 
densities of shaft filopodia, but not tip filopodia. It also induced an increased branching 
of the dendritic arbor – a potential outcome of the increase density of the shaft filopodia. 
In the advanced stages of neuronal development of 7, 10 and 14 DIV, we found that it 
selectively influences the maturation of shaft filopodia. Shaft filopodia on neurons that 
had been exposed to Sema3A at 1 DIV, showed an acceleration of spinogenesis at 7 DIV 
measured as a thickening of the filopodial head region, and an increase in synaptogenesis 
indicated by an increased clustering of PSD-95. Neither of these effects was seen in tip 
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filopodia. This suggests that these two populations are not only different in terms of 
structure and dynamics, but are also functionally distinct, all through development. 
 To further understand the mechanism of this differential action of Sema3A we 
examined the dynamics of filopodia of neurons that had been treated with Sema3A. 
Dispersion-relation phase spectroscopy analysis showed that Sema3A treatment made the 
exploratory movements of the tip filopodia more deterministic, rather than diffusive. This 
indicates the progress towards a more directed growth, rather than random explorations, 
which could contribute to the greater dendritic lengths observed in Sema3A treated 
dendrites, since the energy of random explorations can now be invested in more directed 
growth. Further examination of dynamics showed that Sema3A selectively increases 
average growth and shrinkage rates in shaft filopodia at 7 DIV. This selective influence 
might be the basis of increase spinogenesis and synaptogenesis seen in Sema3A treated 
dendrites, with more and faster explorations resulting in more successful maturations into 
spines and synapses. Maximum growth and shrinkage rates, which are a measure of the 
fastest growth and shrinkage seen in filopodia, were seen to increase for both tip and 
shaft filopodia at 4 and 7 DIV. These faster movements are relatively rare, but could 
contribute to some of the increase in successful stabilizations into branches, spines and 
synapses observed upon Sema3A stimulation. 
  Differential responses to cues have been attributed to variations in cyclic 
nucleotide levels. Semaphorin3A acts as a repulsive cue for axons and an attractive cue 
for dendrites due to different cGMP levels. Variations in calcium levels can similarly 
elicit different responses from different sub-cellular regions. An investigation into the 
intracellular environments of tip and shaft filopodia, such as levels of cyclic nucleotides 
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and calcium, would help in further elucidating the mechanism of the differential 
influence of Sema3A on the two populations. Another avenue that promises answers to 
some of the questions raised here, is a closer examination of the cytoskeletal organization 
in shaft filopodia in the earlier developmental stages of 4 and 7 DIV – do these filopodia 
start out with a crisscross branched actin network organization? Or do early shaft 
filopodia resemble tip filopodia in possessing a parallel actin bundle organization, and 
only late stage shaft filopodia mature into a crisscross organization as a transition to the 
cytoskeletal organization of spines and post-synaptic structures. 
In conclusion, Sema3A is a unique cue that acts on both tip filopodia and shaft 
filopodia, the former to increase dendrite lengths, and the latter to increase branching, 
spinogenesis and synaptogenesis. This compounds evidence for the two filopodial 
populations being distinct, not only in terms of structure and dynamics, but also 
functionally, in their responses to developmental cues, specifically Sema3A. This 
advancement in our understanding of neuronal filopodia and their diversity will help 
decode the signaling processes that contribute to a dendritic filopodium’s maturation into 
a spine, a synapse, or a dendritic branch.  
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Figures 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 3.1. Sema3A treatment selectively increases filopodial density along dendritic 
shafts. (A) Treatment timeline for Sema3A. Sema3A was added to primary rat 
hippocampal neurons at 1 nM, 1 h after cell seeding, and it was rinsed out 24 h later. 
Neurons were fixed at 4 DIV, stained using DiA, imaged using a confocal microscope, 
and reconstructed using Imaris. (B) Neurites identified as dendrites through subsequent 
labeling with MAP2 (Microtubule Associated Protein – 2) were analyzed for filopodial 
numbers, and filopodial densities calculated as number of filopodia / 10 µm dendrite. A 
24 h exposure to Sema3A at 1 DIV led to an increase in densities along shafts from 2.6 
filopodia / 10 µm to 4.67 filopodia / 10 µm (Unpaired t test, n = 10, p = 0.0310), but did 
not significantly affect tip filopodial densities (C). 
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Figure 3.2. Sema3A promotes filopodial maturation to spines (A) Schematic showing 
filopodial maturation from rod-like immature filopodium (blue) to mature stub- or 
mushroom-shaped spine (red) with a bulbous head on a narrow neck. As spine 
morphology is characterized by a high spine head diameter, D, and a low neck diameter, 
d, a ratio of the two, D/d, is representative of level of maturation. (B) A 24 h long 
exposure to1 nM Sema3A at 1 DIV accelerated filopodial maturation to spines by the 7 
DIV stage. Two-way ANOVA, n = 5, p = 0.0015 
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Figure 3.3. Sema3A promotes synaptogenesis. Z-stack images of primary hippocampal 
neurons at 10 and 14 DIV were reconstructed using Imaris.  Areas and volumes of PSD-
95 clusters and dendrites were quantified using PSD-95 and MAP2 antibody staining 
respectively. A 24 h treatment of Sema3A administered at 1 DIV led to a significant 
increase in both area and volume densities of synaptic clusters at (A) 10 DIV (One-way 
ANOVA, n = 16, p = 0.04 for area and volume) and at (B) 14 DIV (One-way ANOVA, n 
= 16, p = 0.005 for area and p = 0.03 for volume). 
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Figure 3.4. Sema3A administration does not vary volume distribution of PSD-95 
clusters. Z-stack images of primary hippocampal neurons at 10 and 14 DIV 
reconstructed using Imaris were analyzed for PSD-95 cluster volumes. A 24 h treatment 
of Sema3A administered at 1 DIV, which led to increases in cluster area per unit dendrite 
area and cluster volume per unit dendrite volume, left the relative volume distribution 
unaffected. Similar percentages of clusters were seen in each volume division. 
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Figure 3.5. Filopodia form on both sides of an interconnect in compartmentalized 
channels of the microfluidic device.  (A) Schematic of microfluidic device design. 
Channels C1, C2 and C3 are linked via 3 µm2 x 45 µm interconnects. (B) 
Compartmentalized culture of rat hippocampal neurons, 4 DIV. Neurons in left channel 
(red arrows) send processes through inter-connects, into the right channel (black arrows). 
Scale bar = 20 μm. (C) Neurons at 2 DIV that have compartmentalized in microfluidic 
chambers labelled with membrane dye DiI. Neuronal process traverses interconnect and 
extends filopodia (white arrows) into 2 distinctly controllable, fluidically isolated 
channels. Scale bar = 10μm. Sema3A is introduced into C2 1 h after cell seeding, and 
rinsed out after 24 h. Only filopodia in C2 (yellow arrows) are exposed to Sema3A, while 
the rest of the neuron including the axon remain untreated.  
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Figure 3.6. Fluidic isolation test using fluorescein isothiocyanate (FITC). (A) Bright-
field image of the microfluidic device at time, t = 0 s. Red and white lines mark the outer 
edges of the central and side channels, respectively. Fluidic isolation was tested by 
flowing FITC through the central (B-D) or side channels (not shown). (B) Fluorescence 
time-lapse microscopy was used to visualize fluid flow. Blue arrows = PBS, black arrows 
= FITC. (C) Intensity profiles were generated along the yellow lines in (B). X-axis: 
distance, Y-axis: Intensity. (D) Intensity profiles in 2.5D. Intensity variation is depicted 
in rainbow spectrum with dark blue being the minimum intensity and red the maximum. 
Scale bars = 100 μm. At 90 s flow was disrupted by reversing the fluid head differential 
at the inlets and outlets with media levels higher for the central channel and lower for the 
side channels. This resulted in leakage of FITC from the central channel and this 
consequent leakage was observed as shown. This demonstrated the capability of the 
detection system to detect any disruption of fluidic isolation. In the absence of flow 
disruption, fluidic isolation was maintained (tested up to 12 h)  
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Figure 3.7. Dynamic analysis of filopodial movement Time lapse imaging of live 
neurons at 4 DIV using Spatial Light Interference Microscopy (SLIM) yielded 
quantifiable data that was analyzed using dispersion-relation phase spectroscopy (DPS) 
where q represents momentum transfer. Tip filopodia (solid lines) were compared to shaft 
filopodia (dashed lines) across three treatment regimens – control, 1 nM Sema3A and 10 
nM Sema3A. The stronger the treatment, the faster the filopodial movement, both along 
the tips as well as the shafts. The highest increase was seen for tip filopodia, which also 
showed a more deterministic motion indicative of a ‘search and grow’ behavior. 
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Figure 3.8. Sema3A increase motility in shaft filopodia selectively.  Neurons treated 
with a 24 h dose of Sema3A at 1DIV and control cells were imaged using SLIM at 7 
DIV. Phase analyses of regions of interest containing single filopodia were used to 
quantify the motility of tip and shaft filopodia for treated and untreated cells. (A) Cells 
treated with 1 nM or 10 nM Sema3A showed higher values of maximum and average 
extension and retraction rates and motility (change in mass/unit time) for shaft filopodia. 
(One-way ANOVA, n = 12, p < 0.05). (B) Sema3A had no significant effects on the 
dynamics of tip filopodia except for an increase in the maximum rates of growth, 
shrinkage and overall mass change. (One-way ANOVA, n = 12, p < 0.05). 
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CHAPTER 4: MICRODEVICES ENABLE FOCAL STIMULATION OF 
CELLULAR NETWORKS 
 
Abstract3 
Key determinants in the emergence of complex cellular morphologies and functions are 
cues in the micro-environment. Primary among these is the presence of neighboring cells 
as networks form. Therefore, for high-resolution analysis, it is crucial to develop micro-
environments that permit exquisite control of network formation. This is especially true 
in neuroscience, tissue engineering, and clinical biology. We introduce a new approach 
for assembling polydimethylsiloxane (PDMS)-based microfluidic environments that 
enhance formation and analysis of functional cell networks. We report that in solvent-
extracted PDMS (E-PDMS) unique properties emerge with the removal of free 
oligomers, and demonstrate that high-strength bonding occurs upon autoclaving this 
oligomer-free E-PDMS onto clean glass – properties not associated with conventional 
PDMS. Sequential chemical extraction followed by autoclave annealing promotes 
polymer cross-linking, facilitates covalent bond formation with glass, and retains the 
highest biocompatibility. This extraction protocol also shortens the oligomer removal 
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process from 5 to 2 days. Resulting microfluidic platforms are uniquely suited for cell-
network studies owing to high bond strengths, effective corralling of cellular extensions, 
and elimination of harmful oligomers associated with conventional PDMS. We 
demonstrate simple, effective, simultaneous actuation of multiple microfluidic domains 
for invoking ATP- and glutamate-induced Ca2+ signaling in glial-cell networks. These 
low-cost, simple E-PDMS modifications and flow manipulations further enable 
microfluidic technologies for cell-signaling and network studies as well as novel 
applications.  
 
Introduction 
We present a new method for adhering highly biocompatible E-PDMS 
microfluidic channels to glass substrates that achieves high bond strength without 
compromising E-PDMS biocompatibility. Microfluidic devices are a mainstay for on-
chip miniaturization of chemical and biological systems owing to the highly controlled 
spatiotemporal manipulations of minute sample volumes. Microfluidics are particularly 
beneficial for resolving mechanisms of growth, differentiation, and signaling of 
biological systems that are complex and dynamic. Such microtechnology confers the 
ability to perform complex environmental manipulations that mimic natural systems on a 
fundamental level.1,2 From manipulations of subcellular domains to miniaturized organs-
on-chip, microfluidics facilitate systematic interrogations of cells and networks through 
the establishment of functional microenvironments.1,3–8  
The selection and utilization of materials and chemicals are also key factors for 
defining the cellular microenvironment. Over the past century, the means of culturing 
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cells of the nervous system have improved in parallel with the development of a range of 
platforms and media formulations for chemically-defined investigations into mechanisms 
of nervous system development and function.2 Recent improvements in microfabrication, 
materials, engineering, and chemical processes have provided organs-on-chip that refine 
the ability to achieve biological discoveries and advance medical diagnostics.3,9–12  
Because of the many advantages inherent in PDMS (transparency, affordability, 
gas permeability, replication, etc.)13,14, it is widely accepted as an ideal material for 
rapidly fabricating microfluidic devices and environmental culture systems. Thus, it is the 
most widely used polymer for microfluidic prototyping in research labs and is generally 
considered to be biocompatible. However, the biological implications of PDMS are 
process-dependent with conditional biocompatibility that scales with device dimensions 
and possesses fluidic constraints.15–18  
 Our previous work demonstrates that PDMS can be rendered highly 
biocompatible by extracting the unpolymerized oligomers and metal catalysts from the 
cured elastomer to produce E-PDMS.[11] Not only does the solvent extraction process 
improve the material biocompatibility, but it also alters material properties of PDMS. E-
PDMS exhibits reduced adhesion of conformal contact to planar surfaces (e.g., glass 
coverslips, microscope slides, and Petri dishes)19 and increased absorption of small 
molecules.20 While reduced conformal adhesion of E-PDMS confers benefits for 
substrate patterning and minimizes the transfer of hydrophobic oligomers to the 
substrate,19 E-PDMS provides unique fabrication challenges for implementing 
microfluidic platforms for cell signaling studies of adherent cells.  
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 Typical approaches used to covalently bond PDMS to glass substrates include 
high-energy processes (plasma exposure, corona discharge, UV-ozone exposure)21–24 that 
have the potential to break bonds and promote the generation of more oligomers. The 
biological implications of oligomer regeneration in E-PDMS are not well understood. 
The presence of oligomers in conventional PDMS microfluidic devices has been shown 
to influence gene expression; in ethanol-washed PDMS, oligomers accumulate within 
cells cultured in the microfluidic channel.15,16 Improving highly biocompatible E-PDMS 
adhesion through non-destructive, bio-compliant processes provides favorable conditions 
for cell signaling studies in microfluidics and minimizes material-mediated confounds to 
biological investigations. 
 By performing solvent-extraction prior to autoclaving, E-PDMS becomes 
covalently bound to glass substrates. This process also retains the high biocompatibility 
of PDMS while sterilizing the materials. Autoclaving is a high temperature, high 
pressure, humidified process that is known to drive the polymerization process towards 
completion; autoclave sterilizers are available in most biological facilities.  
 The high-strength covalent bonds of E-PDMS permit a tight interface for 
microfluidic manipulations without detaching the channels from the surface; without tight 
E-PDMS-to-glass bonds, the devices are prone to delamination during cellular growth 
and migration. Combining the high biocompatibility of E-PDMS with the versatility of 
covalently-bound channels improves conditions for cell signaling studies in microfluidic 
environments. After rigorous solvent extraction, unpolymerized oligomers are no longer 
available to translocate into cells where they can confound cell signaling processes.  
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 Glial cells are the most abundant type of cell in the brain and play important roles 
in modulating neuronal communications. Astrocytic glia sense and respond to local 
signals, in part through extended branches that contact neighboring glia, neurons, and 
endothelial cells. Conventional cultures in plates, dishes, or wells do not offer the ability 
to perform spatio-temporal interrogation without exposing the population of interest to 
the stimulant through diffusion. Through microfluidic platforms, signaling between 
distinct cellular populations can be studied without exposing the entire population to the 
stimulant. Furthermore, multiple spatial stimulations can be deployed for more complex 
signaling studies, an experimental advantage not achievable without microfluidics. Here 
we compartmentalize branches of primary glial cells in E-PDMS microfluidic platforms 
and interrogate glial activity by monitoring Ca2+ oscillations in response to focal pulses 
of neurotransmitters applied through laminar flow. Ca2+ oscillations are observed in 
individual cells and waves of Ca2+ transients are observed in glial networks. Our work 
demonstrates the advantage of implementing E-PDMS microfluidic platforms for cell 
signaling applications.  
 
Materials and methods 
Preparation of PDMS Plugs 
PDMS plugs were prepared by mixing pre-polymer and curing compound 
(Sylgard 184, Dow Corning) at a 10:1 ratio, respectively. After thorough mixing, all 
wells of a clean 96-well plate were filled with the PDMS mixture and cured at 70 oC for 
at least 2 h. Care was taken to prevent filling voids between wells with PDMS. A small 
amount of 70% ethanol in deionized water (DI, from a Millipore (MilliQ) filtration 
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system) was used to facilitate releasing cured PDMS plugs from individual wells. PDMS 
plugs were dried of ethanol, then a 1.0 mm dermal biopsy punch was used to bore a 
diametric hole through the vertical midpoint of the plug. PDMS plugs were separated into 
two groups for treatment (solvent extraction) and control group (no treatment) prior to 
assembling plugs onto microscope slides or PDMS slabs. 
 
Preparation of Microfluidic Channels 
Microfluidic channels were replicated using the same master sets from our 
previous work for substrate patterning; for master fabrication and PDMS microchannel 
replication from a library of devices, we refer the reader to our previous publication.19 
The PDMS microfluidic channel replicates were solvent extracted through a simplified 
protocol (protocol defined below) followed by a thermal bonding process using an 
autoclave.  
 
PDMS Extraction 
Prior to assembling PDMS plugs or channels onto slides or coverslips, E-PDMS 
structures were extracted through a series of organic solvents according to the optimized 
extraction protocol19 modified from our original process18, while the control group was 
left untreated. For microfluidic channels, four to five PDMS microchannel replicates 
measuring ~464 mm2 and 2–4 mm thick were gently stirred and submerged in 150–200 
mL of each solvent for the indicated times: HPLC grade pentane (Fisher Scientific) for 
~16 h; xylenes, isomers with ethylbenzene, 98.5+% (Sigma) for 1–2 h; xylenes, isomers 
with ethylbenzene, 98.5+% for 2–4 h; 200 proof ethanol USP for 1–2 h (AAPER); 
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ethanol for 2 h minimum. In the final step, the PDMS channels were transferred from 
ethanol to 1 L of sterile DI water and soaked overnight, then dried prior to use. For E-
PDMS plugs, the same solvent extraction sequence was employed using 500-600 mL of 
each solvent. To ensure the PDMS plugs were devoid of any residual solvents, plugs 
were dried for at least 1 week (ambient temperature and pressure) after the extraction 
process, prior to use. 
 
Glass Cleaning 
Two common methods of glass cleaning were employed for comparison, ethanol 
cleaning and acid-bath cleaning. Ethanol-cleaned microscope slides for PDMS adhesion 
studies were submerged and spaced apart (not stacked) in a beaker of 200 proof ethanol 
for at least one day. After soaking, the glass slides were removed and placed on end on 
absorbent paper to remove excess ethanol and allowed to dry. Acid-cleaned microscope 
slides were prepared by immersing the glass slides in concentrated sulfuric acid (> 90% 
w/w) overnight, minimum. For convenience, the slides were kept in a histology rack 
during acid bath cleaning. Note of caution: Concentrated sulfuric acid is caustic and 
hygroscopic; leave ample empty vessel volume for fluid expansion. After a minimum of 
24 h in sulfuric acid, the histology rack with slides was removed and rinsed with a direct 
stream of MilliQ DI for 5 min. Clean glass slides were turned on end and dried. For cell 
culture, acid-cleaned coverslips (Corning, thickness no. 1.5) were prepared following this 
same cleaning protocol. 
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Elastomer Bonding 
Immediately after clean glass slides and coverslips were dry, unextracted and E-
PDMS plugs, or microchannels, were placed in conformal contact with the glass substrate 
for thermal bonding using an autoclave. In a comparative study, ultra-violet light (UV) or 
a dry oven were used for bonding PDMS to glass substrates; high-powered UV with 
continuous air flow was used to oxidize/activate the PDMS for bonding followed by a 70 
oC annealing process. The PDMS glass assemblies were placed in an aluminum foil-lined 
metal pan, covered and sealed with aluminum foil, and autoclaved with the following 
settings: 121 oC and 110 kPa for 20 min (sterilization step) with a 20-min drying time (81 
oC to 91 oC).18 After thermal bonding, E-PDMS microfluidic channels for cell culture 
were cooled, removed from foil in a sterile biosafety hood, transferred to a culture dish 
and prepared for cell culture. 
 
Performing Force Measurements 
Force measurements of adherent unextracted and E-PDMS structures on glass or 
PDMS substrates were taken at room temperature after autoclaved samples cool to room 
temperature (≥ 30 min). Spring force meters (SI Manufacturing) were used for measuring 
the force required to separate PDMS plugs from substrates. Meter ranges were in 
Newtons (N) 0-2.5 N, 0-5 N and 0-30 N. Force meters were connected to the PDMS 
plugs using a strong wire triangle. The triangle base passed through the PDMS plug with 
the apex attached to the hook of the force meter (Figure 4.1B). Force meter performance 
was verified with calibrated weight standards. 
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Flow Control and Manipulation 
Dynamic fluid manipulations were achieved by modulating positive and negative 
pressures at the fluidic ports and reservoirs. Culture perfusion was created with 
differential hydrostatic pressures and gravity flow. For hydrostatic pressures, fluid 
droplets were placed at the inlet ports or reservoirs to create positive pressures with 
surface tension. After surface tensions equilibrated, the dish was tilted a few degrees to 
elevate one end of the coverslip and reinitiate flow. Negative pressures were obtained 
with unequal concave menisci at the inlets or reservoir. For pulses of stimuli, rapid fluidic 
infusion was achieved by combining positive pressures (droplets at inlets) with negative 
pressures (concave menisci at the outlet reservoir), and the infusate was rapidly reversed 
by wicking the inlet(s) empty with a Kimtech wipe. Reinitiation of flow was achieved by 
pipetting defined volumes back into the empty inlet. Imaging controls (with flow of 
fluorescein and fluorescently labeled antibodies) were performed to refine the pulse 
process. During glial stimulation, the glial culture channel was always maintained at a 
greater positive pressure than stimulation channels to prevent stimuli from entering the 
glial culture compartments. Fluidic manipulations were greatly assisted by monitoring 
experimental duration during image acquisition and utilizing time-mark features in the 
Zeiss image acquisition software. 
 
Glial Cell Culture 
Animal procedures were conducted in accordance with PHS Policy on Humane 
Care and Use of Laboratory Animals under approved protocols established through the 
University of Illinois at Urbana-Champaign Institutional Animal Care and Use 
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Committee. Astrocytes were isolated from P2-P4 Long-Evans BluGill rats through the 
following procedure: Subjects were rapidly decapitated, the brain removed, meninges 
cleared from tissues, and the hippocampi and cortex dissected. For each culture, the tissue 
was minced and incubated with papain (25.5 U/mL, Worthington) or trypsin EDTA 
(0.05%) for 30 min at 37 oC. After enzymatic digestion, tissue fragments were rinsed 
with media (without enzyme), and the tissue triturated through a fire-polished glass 
Pasteur pipette. The cell suspension was centrifuged at 1400 rpm for 5 min and 
suspended in astrocyte culture media (DMEM with 10% FBS, 3mM L-glutamine, and 
100 U/mL penicillin and 0.1mg mL-1 streptomycin) and plated at 300-500 cells/mm2. 
Cultures were maintained in astrocyte culture media in a humidified incubator with 5% 
CO2 and 95% air until reaching confluence (~7-9 days). Cultures were shaken at ~300 
rpm for four consecutive periods of 18 h to remove loosely adherent cells (i.e., neurons 
and microglia); each 18-h interval was interrupted by ~30-h periods of overnight 
recovery.25,26 Astrocytes were released from the dish and loaded into microfluidic 
channels where they were allowed to grow and extend branches to compartmentalize into 
adjacent channels. 
 
Calcium Imaging 
Imaging spatial dynamics of transient Ca2+ signals of individual glial cells and 
networks was achieved using Fluo-4 AM, a cell-permeable Ca2+ indicator dye. Cultures 
were mounted on a Zeiss LSM-510 Meta NLO laser-scanning microscope without an 
environmental chamber and imaged at room temperature (22-25 oC). Glial cell Ca2+ 
transients were evoked with ATP (20 µM) or glutamate (10 µM). Fluorescence signals 
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were obtained using argon laser illumination (488 nm, 0.1%) through a plan-
apochromatic 20x (0.8) objective, and a LP505 filter. Images were acquired with a 
photomultiplier tube; detector and scanner parameters (gain, sensitivity, scan rate, zoom 
and field size) were optimized to minimize laser exposure to live cells, and maximize 
scan rates for field size and resolution.  
 
Immunocytochemistry 
Immunochemistry was performed following our previously published process.18 
Glial cultures were fixed for 30 min with 4% paraformaldehyde and then permeabilized 
for 10 min with 0.25% Triton in PBS and blocked for 30 min with 10% BSA in PBS at 
room temperature. To label glial cells, mouse monoclonal primary antibodies against 
glial fibrillary acidic protein (GFAP, 1:1000 dilution) were used; antibody-labeling 
occurred for 1-2 h at room temperature or overnight at 4 oC. Secondary antibodies were 
goat-anti-mouse Alexa 488 (1:1000 dilution, Molecular Probes) incubated at room 
temperature for 1–2 h. Rhodamine-conjugated phalloidin (5 U/ml, Molecular Probes) was 
used to label actin filaments (f-actin) with 20 min incubation at room temperature. The 
same protocol was followed for immunochemistry in microfluidic channels with flow 
maintained throughout the labeling process and flow velocities kept to a minimum. Flow 
directions were reversed every 10 min during the course of the antibody and phalloidin 
incubations. Following ~20 min PBS rinse, the samples were briefly rinsed with DI water 
and dried. Channels were filled with Prolong Gold anti-fade reagent (Molecular Probes). 
To optimize imaging, cells in channels were imaged immediately following antifade 
reagent application. 
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Results and discussion 
Material characterization 
E-PDMS exhibits unique material properties distinct from untreated PDMS. Prior 
work has demonstrated the high biocompatibility of E-PDMS for establishing cultures of 
highly sensitive cells, neurons.18 While E-PDMS is highly biocompatible for small-
volume cell cultures, the removal of oligomeric components weakens the conformal 
contact and the ability of E-PDMS to remain attached to a glass substrate. E-PDMS 
microfluidic platforms detach from substrate surfaces more readily than unextracted 
PDMS. While weak E-PDMS contact is advantageous for microfluidic patterning 
processes,19 it can be cumbersome for cell cultures utilizing dynamic flow regimes 
administered through pumps and valves.  
During experiments with neuronal cultures using E-PDMS, we occasionally 
observed neurites probing under the E-PDMS to navigate out of the channel between the 
PDMS and glass, indicating an imperfect seal. When maintaining long-term cultures (> 
10 days) of primary neurons in E-PDMS microfluidics, we also observed that distinct 
changes occur in the conformal contact adhesion forces of E-PDMS. Some E-PDMS 
channels in long-term cultures exhibited high affinity for the glass and could not easily be 
removed. Thus, E-PDMS channels in culture either delaminated from the coverslip or 
they became increasingly adherent the longer they were maintained in the cell culture 
environment (a humidified atmosphere at 37 oC).  
We hypothesized that longer exposure to elevated temperatures and/or humidity 
facilitates the formation of adhesion bonds between E-PDMS and a clean glass substrate. 
To test this hypothesis, we fabricated PDMS plugs of uniform volume and geometry and 
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subjected them to various annealing processes on clean glass slides following solvent 
extraction (Figure 4.1). We then measured the force required to remove each plug from 
the glass surface. The processes of solvent extraction, or autoclaving, alone improves 
PDMS biocompatibility and renders the microfluidic environment sterile,18 but the 
combined effects of these processes on adhesion have not been characterized.  
Figure 4.2 shows a time-dependent increase in forces required to separate E-
PDMS plugs from glass slides exposed to a range of conditions. For cell culture 
conditions (Figure 4.2A), there is a significant increase in the adhesion bonds (from 2.0 
to 8.8 Newtons (N), (p < 0.02, two-way ANOVA) of E-PDMS on acid-cleaned glass 
when exposed for 2 weeks to a humid atmosphere at physiological temperatures (37 oC). 
The data are in agreement with prior observations that elevated temperatures and/or 
humidity facilitate E-PDMS bonding to clean glass.18 Our glass cleaning process for 
primary cell culture uses a sulfuric acid bath followed by a DI water wash. A common 
alternative cleaning protocol is sterilization with ≥ 70% ethanol in DI water. We included 
both glass preparations in our E-PDMS and PDMS adhesion force comparisons. Our 
results show that under cell culture conditions, acid-cleaned glass enables a stronger 
adhesion of E-PDMS to glass than does the ethanol-cleaned glass.  
To resolve the contributions of conventional fabrication and sterilization 
conditions to increased E-PDMS bonding forces, we compared E-PDMS annealed to 
glass with dry heat (PDMS curing oven, 70 oC) vs. humidified heat (autoclave 
sterilization, 121 oC). Figure 4.2B shows that autoclaving increases adhesion of E-PDMS 
and PDMS over dry heat exposure for both material types (p < 0.05, two-way ANOVA). 
E-PDMS showed superior adhesion over PDMS under either treatment. After 4 days’ 
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exposure of E-PDMS and PDMS to dry heat, PDMS adhesion results were not 
statistically different from 2 h, whereas E-PDMS on acid-cleaned glass over 4 days 
showed a statistically significant increase (from 2.0 N to 6.7 N, p < 0.001, two-way 
ANOVA); the increase on ethanol-cleaned glass at 4 days was not significant. 
We performed an extended time-course study on the temporal-dependence of E-
PDMS annealing under dry heat (Figure 4.2C). The data show that after 7 days at 70 oC 
E-PDMS removal forces (4.7 to 10.7 N) are significantly greater on acid-cleaned glass 
than the alternative (p = 0.0002), and forces become similar to those achieved through the 
2-h autoclaving process (2.0-10.7 N) (Figure 4.2B). These data suggest that increased 
heat promotes the annealing process of E-PDMS to glass. E-PDMS plugs kept at room 
temperature (25 oC) for 14 days did not show this large an increase in adhesion forces but 
at 14 days had significantly stronger (2.7 N verses 4.5 N, p < 0.0001, two-way ANOVA) 
bonding than PDMS (Figure 4.2D). To further understand the influence of temperature 
and humidity, we exposed both E-PDMS and PDMS plugs to temperature-matched (135 
oC) treatments in a dry oven and in an autoclave with saturated humidity (Figure 4.2E). 
Autoclaving produced significantly stronger forces than dry heat for E-PDMS on acid-
cleaned glass (p = 0.014) and ethanol-cleaned glass (p = 0.0004). Again, autoclaving 
provides superior results for E-PDMS, suggesting that both humidity and elevated 
temperatures facilitate the annealing process of E-PDMS to glass. 
For perspective, we compared our E-PDMS annealing process to the typical 
oxygen plasma-bonding process. E-PDMS material can be activated through high energy 
processes; however, these high energy processes break PDMS bonds and introduce more 
oligomers into the culture system.21,22,24 Our results show that E-PDMS adhesion 
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outperforms PDMS after autoclaving or plasma treatment, and plasma treatment shows 
superior removal forces compared to autoclaving (Figure 4.2F). It remains uncertain how 
much oligomers are generated in E-PDMS through high energy processes, such as plasma 
treatment, or how freely any newly formed E-PDMS oligomers can translocate from the 
material to cells cultured in microfluidic systems. Given these adhesion study results, we 
employed solvent extraction followed by autoclave annealing for microfluidic cell 
cultures with fluid manipulation for cell signaling studies. 
With the ability to covalently bond E-PDMS to glass through an autoclaving 
process, we tested the possibility of performing polymer-to-polymer bonding through 
extraction and autoclave annealing. We placed E-PDMS and PDMS materials each in 
direct contact on both substrates of E-PDMS and PDMS, then subjected them to the same 
autoclaving process. Following the annealing process, we observed a consistent trend of 
noticeable location-dependent deformation of the plug “footprint” when plugs were 
placed on the opposite substrates and autoclaved. Profilometric measures of PDMS 
substrates show that PDMS indents (~7 µm) where E-PDMS plugs are placed in direct 
contact during autoclaving (Figure 4.3). Conversely, the footprint of E-PDMS swells (~6 
µm vertical change) only where the PDMS plugs are in contact with the E-PDMS 
substrates (Figure 4.3B). The footprint deformation induced by autoclaving E-PDMS in 
contact with PDMS is significant (p < 0.0001) and consistent regardless of whether E-
PDMS serves as the plug or substrate (Figure 4.3C). No appreciable changes of footprint 
deformation are observed when E-PDMS and PDMS plugs are matched to the selfsame 
substrates. 
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Oligomer translocation is possible in cross-linked PDMS as evidenced by the 
time-dependent reversion of plasma treated PDMS from a hydrophilic to hydrophobic 
state.21,22 This information, combined with our results of E-PDMS and PDMS 
deformation, suggest that oligomer translocation occurs within PDMS, and the effect on 
the material is measurable after translocation from source (PDMS) to sink (E-PDMS). 
The observable deformation indicates that a pronounced quantity of material remains 
unpolymerized when prepared under common conditions (10:1 ratio, 70 oC cure for 2 h). 
It also provides further evidence to support the need to remove unpolymerized oligomers 
through the pentane-xylene-ethanol-water solvent extraction process. 
Bonding force measurements show that PDMS-PDMS pairing achieves the 
highest bonding forces (1.18 N) between any two polymer types (Figure 4.3D), possibly 
due to the presence of oligomers and the platinum catalyst that can facilitate further 
chemical interactions between untreated PDMS materials at elevated temperatures. 
Without oligomers and catalyst in one of the two paired materials, bonding forces are on 
average half (0.39-0.78 N) those achieved with PDMS-PDMS interfaces. Solvent 
extraction removes oligomers and platinum catalyst from the polymerized material,18 thus 
reducing its ability to crosslink with other PDMS surfaces but improving the ability of E-
PDMS to bind to glass. These results contribute to the understanding that E-PDMS 
possesses unique material properties, beyond increased biocompatibility, apart from its 
native, unextracted material form. 
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Cell signaling  
With the ability to produce highly-biocompatible E-PDMS tightly bound to clean 
glass substrates, we cultured primary astrocytes in E-PDMS microfluidic platforms for 
cell observation and analyses. These platforms enable spatiotemporal manipulation of 
fluids to achieve multiple, simultaneous or sequential focal stimulations across 
compartmentalized cultures. Following solvent extraction, E-PDMS microfluidics were 
trimmed to produce fluid source wells useful for retaining and perfusing media during 
cell culture, for actuating fluids during cell signaling studies, and for immunolabeling 
cells (Figure 4.4). Fluidic pulses, achieved through a combination of gravity and 
hydrostatic pressure, were produced in adjacent channels of the microfluidics to 
demonstrate a range of fluidic controls from seconds to minutes (Figure 4.5). The method 
of chemo-temporal manipulation employed enables rapid chemical transients without 
increased pressures within the microfluidic device. This approach to fluidic actuation 
permits simultaneous pulses in multiple channels and is applicable for any lab seeking to 
employ microfluidics, and the approach does not require expensive pumping systems. 
Like neurons, glial cells can be guided into adjacent microchannel compartments. 
Individual glial cells cultured in E-PDMS microfluidics develop glial extensions that 
migrate along channel corners to extend through 3 µm interconnects. Most glia show 
affinity for the glass-to-sidewall channels interface. Larger ramified glial cells do not 
prefer channel corners (Figure 4.6) but appear to avoid them. Similar observations of 
corner affinity, or avoidance, have been noted for neurons in microfluidics.18,27 
Glial protrusions possess sensory capabilities for detecting changes in 
extracellular concentrations of small signaling molecules (e.g., ATP, glutamate). Glial 
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cells exhibit spontaneous or evoked fluctuations of internal Ca2+ stores that can induce 
propagating signals that pass through nervous tissues and cell cultures.28,29 Potential roles 
of Ca2+ waves include contributions to vascular regulation, metabolic processes, synaptic 
modulation and mechanisms of axonal guidance.30–32 Ca2+ transients in glial cells exhibit 
characteristic temporal signature forms and periodicities.33–36  
Figure 4.7 shows a population of glial cells stimulated through a subcellular plug 
of ATP (10 μM) focally administered to a compartmentalized cell. Within the population, 
some glial cells show brief, robust cyclic or acyclic response, while other cells continue 
to oscillate beyond the 4 m observation time. Previous studies have typified Ca2+ 
responses with high throughput analyses; signals of glia in E-PDMS microfluidics 
conform to categorical morphologies of spikes, bursts, cyclic responses, or sustained Ca2+ 
elevations.33 The rate of Ca2+ wave propagation (11-12 µm/s) for glia cultured in our E-
PDMS microfluidic samples are within the range of wave propagations observed in 
dispersed cultures and brain slices (6-27 µm/s).37 The process of extracting 
unpolymerized oligomers and binding E-PDMS to the glass through autoclaving both 
removes harmful oligomers that can accumulate in cells,15,18 and provides strong 
adhesion forces that allow for cell signaling studies without E-PDMS delamination.  
With the ability to develop and stimulate compartmentalized glial cultures without 
biasing the remaining culture to stimulating chemical cues, we cultured glial populations 
in the central channel between two parallel microfluidic stimulation channels. Glial cells 
develop in the central channel and expand in clusters to extend processes into adjacent 
channels throughout the length of the microfluidic platform. ATP (20 µM) was 
administered before glutamate (50 µM) in succession (73 s between applications) (Figure 
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4.8). Although two inputs were applied, three population responses were observed 
(Figure 4.8A-B). First, ATP created a local response on one side of the population. A 
second stimulation locally activated the opposite portion of the population, followed by a 
third robust response on the same side as the second response. The third stimulation 
induced activation of the entire population, reminiscent of a microburst (Figure 4.8B). 
While the source of the additional Ca2+ response is not known, the most plausible 
explanation would be that the ATP plug activated an upstream glial population, glial 
processes extending into the second stimulation channel may have released a chemical 
messenger into the channel prior to the introduction of the glutamate application. 
Through laminar flow, the chemical messenger could be carried down the channel to 
activate downstream glial populations. Figure 4.8C schematic summarizes the sequence 
of cellular “regions of interest” activated and displayed in Figure 4.8B. 
Glial cells are known to signal both through gap junctions and vesicular 
release.30,38 Gap junctions permit local signal transfer to directly connected cells whereas 
gliotransmitter release can influence cells not connected through gap junctions.39 We 
demonstrate the ability to culture glial cells in E-PDMS microfluidic devices for cell 
signaling investigations. A handful of papers co-culture glial cells with neurons in 
microfluidics for studying neuro-glial interactions;40–45 to our knowledge, no 
investigations specifically study glial population signaling interactions in microfluidics. 
 Microfluidics surpass cell culture dishes in the ability to exhibit spatio-temporal 
control of the microenvironment. Glial cells stimulated in a dish can release 
gliotransmitters that diffuse from sites of stimulation to neighboring cells. Culture dish 
perfusion chambers allow for continuous fluidic exchange that can rapidly wash stimuli 
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away; however, the entire culture is exposed to flow conditions that carry the stimuli 
across the remaining population or remove locally released neurochemicals. 
Microfluidics remove many of the limitations and enable a broader range of signaling 
studies not achievable through dish cultures, perfusion chambers, or in vivo. 
 
Conclusion 
This work advances the fabrication and implementation of microfluidics, 
particularly for biological applications and cell signaling studies. With conventional 
equipment (autoclave and solvent hood) available in biological departments, elevated 
humidity and temperature can be used to induce high-strength bonds between E-PDMS 
and glass to permit highly biocompatible microfluidics for maintaining fluidic fidelity 
during growth and stimulation studies. An advantage of this annealing process is that 
humidified cell culture conditions (37 oC) favor the E-PDMS bonding process, rather 
than counteract it.  
This simple, effective fabrication method will expand the range of possibilities for 
process miniaturization and sample manipulation in tightly-bound, biocompatible, 
PDMS-based microfluidics. Solvent extraction or autoclaving alone improve material 
biocompatibility. Combining these easy processes in sequence retains material 
biocompatibility while increasing material adhesion, thus improving the versatility of 
applications of E-PDMS for microfluidic platforms. It is yet to be determined how E-
PDMS microfluidics will be advantageous for chemical synthesis, material interactions, 
flexible electronics, or PDMS surface modifications, but the implications from PDMS 
deformation from oligomer translocation may prove valuable. 
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 Oligomer translocation between PDMS types is evident through material 
deformation when oligomer-free, E-PDMS is placed in contact with oligomer-containing 
PDMS and subjected to elevated temperatures. This provides a possible approach for 
optimizing curing agent and pre-polymer ratios, and curing conditions to minimize 
oligomer translocation through, and out of, PDMS. 
 Optimal cell signaling results when environmental confounds are eliminated. E-
PDMS microfluidics are devoid of free oligomers, which are known to accumulate in 
cells and modify gene transcription. E-PDMS microfluidic platforms are advantageous 
for a wide range of signaling studies for monotypic cell cultures or co-cultures. 
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Figures 
 
 
 
 
 
 
 
Figure 4.1. Overview of E-PDMS annealing process and adhesion measurements. 
(A) General overview of annealing process, from replicate molding of PDMS through 
cell culture. For microfluidics, masters are used to generate the PDMS microchannels. 
For plugs to measure adhesion forces, a 96-well plate serves as the replicate mold. 
Solvent extraction was performed with n-pentane, xylene, ethanol (200 proof), and water. 
(B, C) Schematic of PDMS elastomeric plugs and substrate configurations. Holes 
punched through the plugs allow for wire supports to attach to the force scales. PDMS on 
glass (B) was used for annealing measures. PDMS on PDMS (C) was used to measure 
material deformations through profilometry. (D) Images of 3 plugs on a microscope slide 
for force measurements (upper image). E-PDMS plugs form strong adhesion bonds after 
solvent extraction and autoclaving. It is typical for E-PDMS annealed after extraction and 
autoclaving to tear, leaving elastomer fragments when being pulled off the glass, 
irrespective of glass cleaning method (lower images).  
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Figure 4.2. Measurements of removal forces for annealed E-PDMS and PDMS 
plugs. (A) Forces required to remove annealed (humidified 37 oC) E-PDMS plugs off 
glass slides were measured. Similar results are achieved for both ethanol and acid-
cleaned glass at 37 oC. (B) Significant temporal effects of two annealing conditions were 
tested for both PDMS and E-PDMS plugs on ethanol-cleaned glass (white and light grey 
bars) and acid-cleaned glass (dark grey and black bars). E-PDMS annealed with dry heat 
(4 days) has a significant effect on changes of removal forces. Autoclave annealing 
produces superior bonding forces. (C) Temporal-dependence of annealing E-PDMS with 
70 oC dry heat. (D) E-PDMS plugs retained at ambient temperature and humidity show 
increased removal forces over a two-week period. (E) Measurements of high 
temperature-matched annealing (135oC) under dry or humidified conditions show that 
heat, humidity, and E-PDMS produce the highest bonding forces. (F) Comparison of 
extraction-autoclave annealing to plasma-heat annealing. E-PDMS out performs PDMS 
in both cases (n=4, One-way ANOVA, p<0.05). (A-E) n=8, Two-way ANOVA.   
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Figure 4.3. Measurement of deformation and removal forces for E-PDMS and 
PDMS in direct contact. (A, B) Profilometry data confirms the visual observations of E-
PDMS and PDMS deformation when extracted and non-extracted samples in direct 
contact are autoclaved. (C) Results of changes in topography from profilometry data of 
E-PDMS and PDMS plugs in contact with the E-PDMS and PDMS slabs. PDMS/E-
PDMS combinations show much greater changes (p < 0.001, 3 repeats (n=3 each), One-
way ANOVA) than both E-PDMS/E-PDMS and PDMS/PDMS; matched material types 
show no significant changes. D) Removal force measurements of autoclave-annealed E-
PDMS and PDMS plugs on E-PDMS and PDMS slabs. Weak removal forces for PDMS 
on PDMS are higher than any E-PDMS interactions and are attributed to the remaining 
oligomers and metal catalysts left in the bulk polymer (no significance).  
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Figure 4.4. Assembly of microfluidic devices for cell signaling studies. (A) Overview 
of fabrication and assembly process for microfluidic chambers (200 μm W x 45 μm H) 
for cell signaling. [18] (1) Microfluidic masters are used for (2) replicate molding of 
PDMS-based microfluidic channels with interconnecting tunnels (7x7x45 μm). (3) 
PDMS replicates are trimmed and holes punched (upper right diagram) prior to solvent 
extraction to remove un-cross-linked oligomers and metal catalysts. (4) E-PDMS 
replicate is annealed to the glass substrate through autoclave sterilization, completing the 
microfluidic device. (B, C) Architecture (B) and photograph (C) of an annealed E-PDMS 
microfluidic device used for cell signaling studies. Ports are cut with dermal biopsy 
punches (5-6 mm). The reservoir is made by bisecting three ports on one end of the 
platform (dashed line). 
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Figure 4.5. Chemo-temporal pulses in microfluidic channels. (A) Schematic and 
image of PDMS channels on a coverslip for a fluidically-connected microfluidic platform 
for cell signaling. (B) Using surface tension and gravity flow, chemicals can be pulsed in 
the channel for stimulating compartmentalized cells. (C) For pulse characterization, dilute 
FITC-conjugated secondary antibodies (green) were introduced in the channel. Spatial 
characteristics were assessed at three separate points 125 µm apart (a, b, c). (D) Two 
serial pulses demonstrate spatio-temporal characteristics for multiple cellular 
stimulations. In pulse #1, half-maximal stimulation concentration is achieved at peak (a) 
with a concentration decay of 40% at peak (b), and 57% at peak (c). Positions of points a, 
b, c as in (C). (E) Parallel pulsatile flow actuated by surface tension and gravity-mediated 
passive pumping within the same device. The device was cut along the dashed lines to 
allow for unrestricted outflow. Pulsatile flow was accomplished as shown in (B) with an 
increased fluid head at the inlet initiating channel infusion, and emptying of the inlet 
resulting in flow retraction. (F) Flow in the three individual channels (C1, C2, C3) can be 
modulated independently to produce spatio-temporal pulses as depicted in the profiles of 
fluorescence. Flow was initiated in C3 at the same time as the first flow retraction from 
C2, followed by flow initiation in C3 and re-infusion of C2 simultaneous with flow 
retraction from C3, ending with serial retractions from C2 and C3. 
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Figure 4.6. Compartmentalization of glia in microfluidic channels. (A, B) Glial cells 
cultured in E-PDMS microfluidics develop cellular branches that extend through 
interconnects. Antibodies for glial fibrillary acidic protein (green) and rhodamine 
phalloidin (phalloidin, red) label the cytoskeleton. Fluorescence intensities of cell 
branches are represented by glow-scale intensity images (below). Fine, filamentous glial 
branches are rich in filamentous actin and contain GFAP filaments. (B) Merged 
fluorescence images of two glial cells are shown, each in its own image pane. (C) Large 
(~400 μm long), ramified glial cells do not show affinity for channel walls and 
interconnects as most glial cells do. (D) A glial cell in the top channel extends branches 
into the bottom channel allowing subcellular stimulation with signaling molecules 
applied through adjacent channels. Insets show magnified views of glial branches 
wrapping around the interconnect pillars, merging as they emerge into the bottom 
channel. (E) Glial cells often spread along the channel wall sending branches over 
distances exceeding 100 μm, increasing the efficiency of inter-channel signaling. 
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Figure 4.7. Ca2+ signals of glial networks in E-PDMS microfluidics. (A) Primary glial 
cells proliferate and extend branches into adjacent microchannels through interconnects. 
All channels were loaded with Ca2+ indicator (Fluo-4 AM in PBS). Glial cell branches 
were stimulated via 10 µM ATP infusion (left to right) through stimulation channel 
(bottom). A combined brightfield and fluorescence image is shown (left) alongside the 
respective fluorescence intensity glow-scale image (right); FITC-PLL lines (green) on 
glass are reference markers. Segmented images of inset (right) demonstrate repeated Ca2+ 
fluctuations. (B) Fluorescence profiles of Ca2+ responses from respective ROI 
demonstrate the range of characteristic Ca2+ responses for cultured astrocytes. Glia 
cultured in microdevices exhibit a typical range of Ca2+ fluxes that vary in frequency, 
amplitude, and duration.  
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Figure 4.8. Glial network activation through multipoint stimulation. (A) Glia were 
cultured in the central channel of a microfluidic platform for stimulation at opposite sides 
of the culture for observing network activity. First, 20 µM ATP was introduced, then 50 
µM glutamate was inserted into the bottom channel. From two chemical stimulations, 
three network activations occur. (B) Background (ROI#19)-subtracted fluorescence 
intensity profiles of each defined RIO ordered in chronological activation. Temporally-
coupled signals from cellular ROI 1 and 9 suggest the two cells are electrically coupled. 
(C) Schematic summary of Ca2+ signal propagation through the glial population.  
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CHAPTER 5: SUMMARY AND CONCLUSIONS 
 
The intricate wiring of the nervous system relies on filopodial navigation to form 
complex interconnections between neurons through their axons, dendrites, and the cell 
soma itself. Until recently, cellular investigations into filopodial dynamics had focused 
primarily on axonal growth cone filopodia. Spurred by technological advances, scientists 
have now begun to explore the structural and functional landscape of dendritic filopodia. 
Fully functioning dendritic filopodia have been shown to be critical to the establishment 
of neuronal connectivity through dendritic morphogenesis, spinogenesis and 
synaptogenesis. Anomalies in these processes are at the root of several developmental 
disorders, such as Down’s syndrome,1,2 Fragile-X mental retardation,3 schizophrenia, 
Alzheimer’s,4 and mood disorders.5 Better comprehension of the processes that shape 
development can help deconstruct the underlying mechanisms of these developmental 
disorders and diseases, thereby, aiding the advancement of cures and relief. Hence, with a 
view towards furthering our understanding of network formation in the brain, the aim of 
this work was to examine the differential presentation and behavior of filopodia along the 
tips and shafts of dendrites of primary hippocampal neurons.  
 
Neuronal filopodia borne along tips and shafts of dendrites exhibit distinct behaviors 
Conducting structural analyses using membrane and actin labels we found that 
tips bear longer filopodia, and at higher densities. We examined filopodial mass change 
dynamics using Spatial Light Interference Microscopy (SLIM), an innovative quantitative 
phase imaging method.6 SLIM enables high-resolution label-free imaging of live cells 
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and allows measurements of the dry mass of live neurons, and even individual filopodia, 
at femtogram levels. Time-lapse SLIM analysis of the mass-change dynamics of dendritic 
filopodia showed that (1) tip filopodia show significantly higher rates of change of mass, 
for both growth and shrinkage, as compared to shaft filopodia, and (2) both tip and shaft 
filopodia exhibit an exponential growth, i.e., the rate of growth increases as filopodial 
mass increases.  
Together these investigations into structure and dynamics provide further 
evidence for differences in the two filopodial populations – those borne on the tips, and 
those along the shafts, of dendrites.7,8 They strengthen the argument that the two 
populations be treated as distinct in future studies into filopodial and dendrite 
development.  
An intriguing extension of this work would be the examination of external 
influences on tip and shaft filopodia – if, and how, a filopodium’s interaction with its 
neighboring filopodia, with other cells or neurites, and with debris and other 
topographical features, influence its presentation and behavior. The exponential growth 
might be demonstrative of the mechanical obstacles faced by a budding filopodium, such 
as membrane resistance, that might be easier to overcome with increasing mass. It could 
also hint to a cooperative recruitment of the machinery employed in filopodial extension. 
Another characteristic feature of systems that show exponential growth is the existence of 
checkpoints or regulatory systems that keep the growth in check. The actin cytoskeletal 
system that forms the core of filopodial dynamics, is a system that lends itself especially 
well to control and regulation. The nuances of this regulation and how it pertains to the 
112 
 
maintenance of an exponential growth rate in filopodia are questions that merit further 
investigation. 
 
Semaphorin3A differentially instructs the development of tip and shaft filopodia  
Our next set of experiments was aimed at understanding the functional 
ramifications of the differences in structure and dynamics in tip and shaft filopodia. 
Towards this aim, we investigated the responses of the two filopodial populations to 
Semaphorin3A (Sema3A). Sema3A is a unique cue that acts as a repulsive guidance cue 
for axons,9,10 and an attractive guidance cue for dendrites.11,12 Furthermore, it plays a 
multifaceted role in filopodial development, guiding dendritic morphogenesis, 
spinogenesis, and synaptogenesis.13,14 In investigating these aspects of Sema3A’s 
regulation of filopodial development, we found that a 24 h exposure to Sema3A 
administered 1 h after cell seeding leads to an acceleration of the maturation of shaft 
filopodia as evidenced by (1) an increase in the branching of the dendrites, (2) an 
acceleration of maturation of shaft filopodia into spines and (3) into synapses. An 
analysis of the underlying dynamics using time-lapse SLIM imaging showed that early 
exposure to Sema3A results in (1) an increase in average growth and shrinkage rates in 
shaft filopodia selectively, and, (2) an increase in speed of the fastest growth and 
shrinkage observed for tip and shaft filopodia at 4 and 7 DIV. Since Sema3A acts as a 
repulsive cue for axons, inducing collapse of axonal growth cones, a bath application of 
Sema3A to neurons would have adverse effects for the axon that might then spill over to 
suppress or modify the behavior of the rest of the cell, possibly even dendritic filopodia. 
To confirm that our findings were not affected by such a confound, and to better replicate 
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the in vivo layered structure of the hippocampus, we employed microfluidic devices that 
enable compartmentalization of neurons into fluidically distinct microenvironments. This 
allowed selective Sema3A stimulation of the dendrites only, leaving the rest of the cell 
unaffected. Our results held true even with this sub-cellular administration of Sema3A, 
with tip and shaft filopodia displaying distinct behaviors in terms of structure as well as 
dynamics.  
Together these findings show that Sema3A is a unique cue that acts on both tip 
filopodia and shaft filopodia, but with different outcomes – the former to increase 
dendrite lengths, and the latter to increase branching, spinogenesis and synaptogenesis. 
(Figure 5.1) This compounds the evidence for the two filopodial populations being 
distinct, not only in terms of structure and dynamics, but also functionally, in their 
responses to developmental cues. Furthermore, these findings help deconstruct the role of 
Sema3A in dendritic development.  
 An interesting next step to these investigations would be an examination of the 
difference in the intracellular environments of tip and shaft filopodia, such as in their 
levels of cyclic nucleotides and calcium, which would help in further elucidating the 
mechanism of the differential influence of Sema3A on the two populations. Another 
avenue that promises answers to some of the questions raised here, is a closer 
examination of the cytoskeletal organization in shaft filopodia in the earlier 
developmental stages of 4 and 7 DIV – do these filopodia start out with a crisscross 
branched actin network organization? Or do early stage shaft filopodia resemble tip 
filopodia in possessing a parallel actin bundle organization, and only late stage shaft 
filopodia mature into a crisscross organization. The latter could be a preparation for 
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filopodial transition to the cytoskeletal organization of spines and post-synaptic 
structures.  
 
Microdevices enable focal stimulation of cellular networks 
Our work on employing microfluidic devices towards regulating the 
microenvironment of primary neurons helped us identify the pressing need for a new 
technique of device preparation that is better suited for probing such sensitive biological 
systems.15–17 This led us to develop new approach towards fabricating these environments 
– employing a sequential combination of solvent extraction and autoclave annealing to 
generate unique binding properties for polydimethylsiloxane (PDMS), the polymer used 
to fabricate these devices. This treatment ensures the dual benefits of (1) high strength 
bonds between the solvent-extracted PDMS (E-PDMS) and glass, and (2) the highest 
material biocompatibility as achieved through the removal of free uncrosslinked 
oligomers. We demonstrated this by comparing adhesion strengths of E-PDMS and 
conventional PDMS on glass as determined by measuring the force required to remove 
the respective elastomer plugs from glass slides. We also quantified elastomer 
deformations in PDMS and E-PDMS assemblies which are indicative of oligomer 
translocation from PDMS to oligomer-free E-PDMS. Proceeding to applications, we 
exploited the unique capabilities of these E-PDMS devices to elicit Ca2+ oscillations in 
compartmentalized glial cell networks in response to focal pulses of ATP and glutamate. 
The tight interface allowed for maximal manipulation of fluid dynamics while the solvent 
extraction ensured elimination of oligomer-induced artifacts in cellular read-outs. Thus, 
we advanced a new approach to PDMS microfluidic assembly, the unique properties of 
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which present unparalleled context for unraveling cellular changes occurring at the 
micro- and nano-scales, thereby aiding further elucidation of the nuances of cell signaling 
and network formation. 
Conclusion 
The convergence of filopodial investigations and the technology for engineering 
micro-environments, when coupled with high resolution imaging and analysis, has 
enabled new insights on filopodial heterogeneity, into differences in the presentation and 
behavior of tip and shaft filopodia of neuronal dendrites, and their responses to local 
signals, specifically, Sema3A, that helps initiate and establish neuron-neuron interactions 
at the filopodial level. With dendritic filopodia being at the core of the processes of 
spinogenesis, synaptogenesis and dendritic morphogenesis, these findings will aid greater 
comprehension of the processes of neuronal patterning and network formation, and will 
help unravel the mechanistic bases of developmental disorders and diseases.  
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Figure 5.1. Tip and shaft filopodia differ in their response to Sema3a.  Sema3A 
exerts different influences on the development of tip and shaft filopodia. Shaft filopodia 
respond to a Sema3A treatment with increased densities, and, faster average growth and 
shrinkage rates, resulting in increased branching, spinogenesis and synaptogenesis. Tip 
filopodia treated with Sema3A show exploratory movements of a more deterministic 
nature, eventually resulting in longer dendrites.  
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APPENDIX A: USING MICROFLUIDIC DEVICES TO CREATE DESIGNER 
NEURONAL NETWORKS 
 
Abstract4 
Micro-scale devices, increasingly being employed for studying neurons in highly 
controlled environments, afford unique strategies for guiding cells within culture systems. 
Skilled manipulations of fluid flow, physical guidance cues, and other capabilities of 
these devices provide precise control over positioning of neurons, thereby enabling the 
creation of made-to-order neuronal networks. 
 
Introduction 
Studies in developmental biology revolve around the cues present in a cell’s 
environment and its response to them. Primary among these extracellular factors is the 
presence and influence of neighboring cells. It is crucial, therefore, for such studies to be 
able to replicate in vitro these network-like conditions. This is especially true of 
neuroscience, tissue engineering and clinical biology where network formation and 
functioning are critical aspects of any investigation. 
Over the last decade, a number of methodologies have been developed aimed at 
providing experimentalists with greater control over the positioning of cells.1 One such 
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group of techniques is based on chemical patterning to make certain regions of the 
substrate especially attractive or repulsive for cells. However, in several cases, such 
modifications are undesirable. Other techniques available include the use of laminar 
flow2, electrophoretic forces3, optical tweezers and laser traps4, microdevices of 
sophisticated designs,5,6 and combinations thereof.7,8,9 Most of these are too expensive or 
time-consuming, particularly with regards to initial set-up and skill-acquisition.  
Here we demonstrate three easy and inexpensive techniques based on 
microfluidics that provide a high degree of control in positioning cells, thereby enabling 
the laying down of cellular networks of virtually any desired configuration. We use a 
polydimethylsiloxane (PDMS) microdevice of a simple, standard design10,11,12,13 (Figure 
A.1A) that can be used and re-used. Furthermore, PDMS is not only inexpensive but also 
flexible, impermeable to water, permeable to gases, non-toxic to cells, and optically 
transparent down to 230 nm, making it ideal for biological studies. 
The techniques described here employ gravitational force, centrifugal force, and 
suction to control cell positioning.14 The use of gravitational force is the simplest method, 
and also the gentlest on the cells; however, it is also the slowest of the three. Application 
of centrifugal force provides the maximum flexibility in the amount of force applied. The 
use of suction force, on the other hand, is the least flexible, but it is also the quickest of 
the three. With these distinct properties the techniques complement each other well and 
can be used in conjunction in two, or even more, cell-positioning steps to create desired 
networks. Once positioning has been accomplished, the PDMS device can be removed 
from the glass, and the culture returned to standard dish-culture conditions, or, it can be 
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retained, resulting in a device culture with the added properties of higher spatio-temporal 
control over the application of chemical cues.  
 
Protocols 
The following section details steps to create designer neuronal networks. 
Reagents and equipment required are listed in Table A.1. 
 
1) Preparing the Device 
1.1) Use soft lithography to fabricate the device, as described previously.14 
1.2) Pour the PDMS pre-polymer, a 10:1 mix of base and curing agent, onto the silicon 
master. Place it in a vacuum desiccator to facilitate the removal of air bubbles. Allow it to 
cure at 70 oC for 2 h. 
1.3) When cooled, create inlets and outlets using a 4 mm biopsy punch to get the desired 
design (Figure A.1A). 
1.4) Subject the device to a solvent extraction to remove impurities and free oligomers.11 
This can be skipped for cultures where the PDMS device will be removed after cell 
positioning. 
1.5) For device cultures, bond the device to the coverslip using oxygen plasma, or other 
bonding techniques.16,17 For dish cultures that require the eventual removal of the device, 
place the device on the coverslip and autoclave the assembly. In addition to sterilization, 
autoclaving promotes a strong yet reversible bonding. Unless specified otherwise, all 
subsequent steps involving the device are to be carried out in a laminar flow hood to 
avoid contamination.  
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1.6) Add poly-D-lysine (PDL) to the inlets and apply suction at the outlets to ensure the 
PDL enters the channels. Leave it to coat for a minimum of 2 h. Rinse out with 
Neurobasal media prior to cell loading. 
1.7) Harvest neurons according to the standard protocol.18 Re-suspend in Neurobasal to 
achieve the final cell concentration of 1 x 106 cells/ml. To achieve the cell configuration 
shown in Figure A.1B, seed these cells into the inlet of central channel (C2).  
1.8) Apply suction at the outlet of channel C2 to facilitate cell entry into the channel. 
Confirm under a microscope and stop flow by adding media to the outlet. Cells begin to 
adhere to the PDL within minutes of stopping of flow, and once adhered, will resist the 
positioning forces applied. Hence, make sure to avoid any delays once the flow has been 
stopped. Use one of the following techniques, (2), (3) or (4), to achieve cell positioning. 
 
2) Gravitational Force 
2.1) Tape the lid of the dish to the base to prevent its falling off. 
2.2) Lean the dish against an incubator wall at an angle of 50o-70o such that the channel 
length is parallel to the ground. Channel C3 should be closest to the incubator floor and 
channel C1 the farthest, so the cells flow down towards the wall between channels C2 
and C3. 
2.3) After 15-20 min, when the cells settle, return the device to the hood. Remove the 
tape, empty the outlets and inlets, and refill the inlets with fresh media to actuate flow 
before returning the dish to the incubator. 
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3) Centrifugal Force 
3.1) After cells are seeded into the central channel, fill all inlets and outlets with media to 
just above the brim. Place a fresh sterilized coverslip on top of the device. This creates a 
cassette that prevents media from spilling, and bubbles from entering into the channels. 
3.2) Tape the lid of the dish to its base. Place the dish on an inoculation turntable close to 
its edge. The length of the channels should be perpendicular to a radius of the turntable 
circle. Secure the dish in this position with tape.  
3.3) Rotate the table at approximately 100-200 rpm for a few sec. Check cell positioning 
under a microscope. If required, rotation can be repeated until the desired cell packing is 
achieved. In addition to duration, the force (f) also can be modified, by changing the 
distance (r) of the dish from the center of the inoculation turntable, and the speed of 
rotation, since f = mw2r (where, m = mass, and w = angular velocity). A centrifuge can be 
used to generate the rotation to allow for finer control of rotation speeds. 
3.4) Following cell positioning, remove the tape and coverslip. Carefully return the 
device to the incubator, ensuring there is no flow that might dislodge cells. Leave the 
device undisturbed in the incubator for 15-20 min. 
3.5) When the cells have adhered, return the device to the sterile hood. Empty the outlets 
and inlets, and refill the inlets with fresh media to actuate flow before returning the dish 
to the incubator. 
 
4) Suction 
4.1) Before harvesting cells, create a PDMS plug by pouring PDMS pre-polymer into one 
of the wells of a 96-well plate to a level about 4 mm above the brim, such that it forms a 
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dome on top. De-gas in a vacuum desiccator and cure as described in Step 1.2. Pry out 
the plug using forceps to obtain a ‘cupcake-shaped’ PDMS plug. 
4.2) When cells have been seeded into the central channel and flow has been stopped, 
hold the PDMS plug at the inlet of channel C3 in an upside-down cupcake orientation. 
Press it down gently. The dome shape ensures good contact between the plug and the rim 
of the inlet; the pressure creates a seal. A sterilized coverslip can also be used instead of 
the plug, although it requires more careful handling to generate a good seal. 
4.3) Apply suction at the outlet of channel C3. With the inlet of C3 sealed, the pressure 
pulls in media from channel C2, and with it the cells. The strong pressure results in a very 
rapid alignment of the cells against the wall of C2. To prevent application of excessive 
pressure that might damage the cells, stop suction after 2 sec and check cell positioning 
under the microscope. If required, apply more suction in 2-sec pulses. 
4.4) Remove the plug, ensuring there is no flow that might dislodge the cells. Leave the 
device undisturbed in the incubator for 15-20 min. 
4.5) After the cells have adhered, return the device to the sterile hood. Empty out the 
outlets and inlets, and refill the inlets with fresh media to actuate flow before returning 
the dish to the incubator. 
 
5) Post-processing 
5.1) For a device culture, empty out the inlets and outlets and refill the inlets with fresh 
media twice daily until required for further experimentation. 
5.2) To revert to a dish culture, once the cells have adhered, gently remove the device 
pulling it off beginning at the inlet. This can be done as early as within an hour of cell 
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adherence, or even a day or two after the culture. The latter allows one to exploit the 
presence of the fine interconnecting tunnels as guides for controlled neurite outgrowth 
(Figure A.1B). The device can be autoclaved and re-used for positioning. 
 
Representative Results 
Using careful application of gravitational force, centrifugal force and suction to 
cells in microdevices (Figure A.1A), neuronal networks of varying configurations were 
created. Figure A.1B represents one of the simplest network architectures that can be 
obtained with the device, with cells lining up against a wall in response to the applied 
force, in this case, suction at the outlet of the adjacent channel (C3).  
Modifications and combinations of these forces were used to create more complex 
networks (Figure A.2) 
Neuronal networks were tested for signal transmission using glutamate introduced 
into the central channel at a concentration of 1 mM (Figure A.3). In the absence of 
controlled cell positioning, the neurons form a loose network within the channel in which 
they were loaded. As a result, signals initiated in the central channel remained confined to 
that channel (Figure A.3D and E). On the other hand, with controlled cell positioning 
used to align cells against the interconnects, the neurons were able to form inter-channel 
networks. Upon glutamate stimulation, signals were initiated in the central channel and 
travelled to the outer channels (Figure A.3B and C). 
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Discussion 
The techniques demonstrated here can be modified to result in varying made-to-
order cell arrangements. For instance, loading cells into the outer channels and applying 
suction at the central channel, will result in cells lining up against the inner walls of the 
outer channels. Cells can then be seeded into the central channel, to create a simple 
network of three layers that traverses all three channels. 
Different techniques can also be combined in a two- or multi-step positioning, to 
achieve desired configurations. For instance, once suction has been used to align cells 
against the inner walls of the outer channels and the cells have adhered, one can load 
additional cells into channels C1 and C2, and use gravitational force to align them against 
the left walls of the channels. Another step using gravitational force to align cells 
introduced into C2 and C3 against their right walls, followed by random introduction of 
cells into C2, would create a 7-layer inter-channel network (Figure A.2). Care should be 
taken to avoid the use of suction as a second or subsequent technique unless the channel 
is empty, since the strong force can dislodge pre-adhered cells. 
In addition to studies of signaling and development in neuronal networks, this 
technique can be used to create and study heterotypic networks containing different cell 
types such as neuron and glia, neurons and myocytes and even non-neuronal networks. 
The ‘adjacent-stripe’ architecture of these networks (e.g., Figure A.2), also makes them 
ideal for studies of layered structures in the brain and elsewhere. For instance, neurons 
from different cortical or hippocampal layers can be laid out side-by-side representing the 
in vivo structures, thereby enabling studies of inherent as well as emergent properties of 
these networks. Furthermore, this alignment of cells in one line can facilitate assays of 
127 
 
cellular motility and migration in studies of phenomena such as cancer metastasis and 
wound healing. 
Applications of this technique will not only aid in answering new questions, but 
will also be invaluable in revisiting old questions in the new paradigms emerging at the 
interface of biology and engineering. 12,13  
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Tables and figures 
 
Name of the reagent Company Catalogue 
number 
Comments 
PDMS Dow Corning   
Plasma Cleaner   Any available oxygen-plasma 
generator can be used. 
Inoculation Turntable Lab Safety 
Supply 
155287 Any available inoculation 
turntable can be used. 
Corning 22x22 mm square 
No. 1 Cover Glass 
Corning 2865-22 Size can be varied according to 
size of the device 
35 mm Petri Dish BD Falcon 351008 Size can be varied according to 
size of the device 
Neurobasal-A medium minus 
phenol red 
Invitrogen 12349-015  
Hibernate-A medium minus 
phenol red 
BrainBits   
B27 Invitrogen 17504-044  
Glutamax Invitrogen 35050-061  
Poly-D-Lysine Hydrobromide Sigma P-6407  
Papain, Lyophilized Worthington LS003118  
 
Table A.1.  Table of specific reagents and equipment. A table of the reagents and 
equipment required to create neuronal networks of the desired configuration, with 
columns 2 and 3 listing company and catalogue information for their acquisition.  
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Figure A.1. Microfluidic devices enable positioning of cells. (A) Schematic, (B) 
Microscopic, and (C) 3D-representation of the device design. C1, C2, C3 are three 
channels, each 200 μm wide and 45 μm high. The channels communicate through narrow 
interconnects, 7 μm x 7 μm and 45 μm long. (B) A 5-day-old neuronal culture with 
neurons positioned against the right wall of channel C2. Neurons were loaded into C2 
and suction was applied at the outlet of C3. Neurons in C2 (red arrows) lined up against 
the wall and sent out processes (black arrows) through the interconnecting tunnels, into 
C3. Scale bar = 50 μm. 
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         Layer:         1            2         3      4      5        6               7 
Figure A.2. Modifications and combinations of the forces result in intricate network 
designs.  (A) A 3D-representation of device design. C1, C2, C3 are three channels (200 
μm wide, 45 μm high) communicating through narrow interconnects (7 μm x 7 μm and 
45 μm long, in green). (B) Process flow for cell seeding and alignment in four sequential 
steps. (C) A 7-layer network of primary rat hippocampal neurons at 2 DIV generated 
using the process flow in (B) – Step 1: Suction, used to generate layers 2 and 6; Step 2: 
Gravitational force, to position layers 1 and 3; Step 3: Gravitational force, again, to 
position layers 5 and 7; Step 4: Cells seeded without any alignment forces, resulting in 
randomly positioned cells, for layer 4. Cytoskeletal markers (green: MAP2, red: 
rhodamine-phalloidin) label neurites growing out, and establishing intra-layer and inter-
layer contacts. White arrows highlight a network of cell-cell contacts beginning in layer 1 
and connecting cells all the way through layer 7. Scale bar = 50 μm. 
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Figure A.3. Demonstration of signal transmission through a designed network 
extending across microfluidic channels. (A) Primary hippocampal neurons in a 
microfluidic device at 4 DIV. Cell layers 1 and 2 aligned using suction and gravity, 
respectively, form more compact layers than randomly aligned layers 3 and 4. The 
proximity and the guidance provided by interconnects promote formation of cell-cell 
contacts and, thereby, of an inter-channel inter-layer network between the former pair. 
Glutamate (1 mM) introduced into the central channel C2 initiates Ca2+ signaling in cells 
in C2. (C) and (D) show representative traces of Ca2+ waves in cells 2 and 3, visualized as 
peaks in fluorescence of Ca2+ indicator Fluo-4. Fluidic isolation prevents glutamate entry 
into C1 and C3, but signals are transmitted from cells of layer 2 to those of layer 1 
through the neuronal network. This inter-channel cell signaling initiates Ca2+ transients in 
cell 1 (B). Randomly aligned layers 3 and 4 show no such communication (E). Scale bar 
= 50 μm, ROI: Region of interest. 
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